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Abstract
There are currently several strategies that are used to treat cancer including surgery, chemotherapy
and radiotherapy. However, conventional chemotherapeutics suffer from a number of limitations,
such as poor solubility, short in vivo circulation half-life and lack of specificity. To address these
issues, researchers have developed nanocarriers for the safer and more effective delivery of
chemotherapeutics to cancer cells. Despite rapidly growing interest in developing nanocarriers as
chemotherapeutic drug delivery vehicles, their use in a clinical setting has been hindered by their
targeting inefficiency, inability to traverse the plasma membrane, poor circulation stability and
becoming entrapped in endocytic or lysosomal compartments. In light of this, cell-penetrating
peptides (CPPs) have received considerable attention due to their ability in mediating the efficient
transport of nanoparticles (NPs) across the semi-permeable plasma membrane. While these CPPs
show great potential in vitro, their lack of target specificity remains a major obstacle to their
clinical application. Researchers have instead developed strategies in which cancer targeting
peptides (CTPs) that exploit the unique characteristics of the tumor microenvironment or cancer
cells are used in order to improve cancer cell specificity of the coupled nanocarriers. In these
studies, pH-responsive organic and inorganic nanocarriers were designed that were shown to be
biocompatible and exhibit highly controlled drug release behavior. These nanocarriers were
specifically targeted and internalized into cancer cells within the acidic tumor microenvironment
owing to the novel pH-responsive acidity-triggered rational membrane (ATRAM) peptide present
on the surface of the NPs. Moreover, in vitro cell viability studies showed remarkable cytotoxicity
of the nanocarriers in cancer cells. Additionally, treatment with ATRAM-coupled NPs effectively
reduced the tumor volume and mass, while exhibiting no toxicity to healthy tissue. Taken together,
these results demonstrate that the novel ATRAM-coupled high stability nanocarriers are potential
candidates for safer and more effective drug delivery for cancer therapy.
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1.1. Prevalent problems with current anticancer drugs
Despite continuing advances in the development of cancer treatments and diagnosis, cancer is still
one of the leading causes of deaths worldwide (Yingchoncharoen, Kalinowski et al. 2016). Many
chemotherapeutics have been approved as first-line drugs for the treatment of several cancers; this
is attributed to their ability to interfere with different phases of the cell cycle to inhibit the
uncontrolled growth and proliferation of cancer cells, thereby reducing tumor growth and
preventing metastasis (Chabner and Roberts 2005, Cheung-Ong, Giaever et al. 2013). However,
the clinical application of conventional chemotherapeutics, which are administered systemically,
is hampered by various issues. These include having short in vivo circulation half-life and poor
solubility as most of the anticancer drug candidates are hydrophobic in nature (Pourjavadi, Amin
et al. 2018). Additionally, the poor water-solubility of the drugs necessitates the use of solubilizing
agents, which are mostly organic solvents, in order to facilitate uptake by cancer cells (Savjani,
Gajjar et al. 2012). However, these solubilizing agents not only reduce the potency of the drugs,
but also may have undesirable toxic side-effects (Savjani, Gajjar et al. 2012). Moreover, the
majority of chemotherapeutics lack specificity (Torchilin 2011); due to their small size (generally
less than 1000 Da), they are able to pass through the endothelium and accumulate in both target
and non-target regions, thereby affecting both cancer and normal cells and leading to undesirable
side-effects (Vieira and Gamarra 2016). An example of a widely used anticancer agent is
doxorubicin (Dox); although it is highly effective in treating solid tumors and hematologic
malignancies, it has been reported to cause adverse effects, such as nausea, alopecia and
neutropenia as well as dose-dependent cardiotoxicity (Zhao and Zhang 2017). These effects are a
result of different mechanisms, such as the immune system being hyper-activated, reduced
progenitor cell repair, inhibition of growth factors, as well as iron oxidation and oxygen free radical
generation (Shi, Moon et al. 2011).
Another major obstacle associated with long-term use of a single chemotherapeutic drug
includes the development of multidrug resistance (MDR) (Gillet and Gottesman 2010). This
complex phenomenon, which can diminish the antitumor properties of chemotherapeutic drugs, is
the result of several well-known mechanisms that can act individually or synergistically in causing
cancer cells to become resistant during treatment (Luqmani 2005). These include increased drug
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efflux mediated by ATP-dependent drug export pumps, altered drug metabolism, decreased drug
uptake through reduced expression of certain solute carriers, deregulation of DNA repair and
subsequent apoptosis induction, all of which severely limit the therapeutic potential of the drugs
being administered (Gillet and Gottesman 2010). As a result, it becomes necessary to administer
high doses of chemotherapeutics to patients to ensure that a sufficient amount of the drugs reaches
the tumor in order to elicit a therapeutic response in cancer cells (Torchilin 2011). The high
chemotherapeutic doses, however, along with the various combinations of drugs used, often lead
to toxicity within healthy tissues and a range of severe side-effects in patients (Mokhtari,
Homayouni et al. 2017).
The issues associated with conventional chemotherapy have prompted researchers to
design alternative, effective therapeutic approaches that overcome drug-related side-effects and
MDR by selectively targeting one or more chemotherapeutic agents to the tumor. In particular,
various inorganic (e.g., silica and silver) and organic (e.g., polymers and cellular membranes) drug
delivery systems have garnered considerable interest, particularly for the safer and more effective
delivery of chemotherapeutics (Peer, Karp et al. 2007) (Fig. 1). These systems, which have sizes
ranging from 1 to 1000 nm, have several beneficial features: high stability, high carrier capacity,
ability to incorporate a wide array of insoluble drugs without the use of organic solvents, feasibility
of variable routes of administration (including oral application and inhalation) and ability to be
tailor-made to meet different requirements (Hoshyar, Gray et al. 2016, Porfire, Achim et al. 2017).
As a result, nanocarriers have been reported to prolong circulation half-life and, in turn, increase
the accumulation of conventional chemotherapeutic agents in tumors (Shi, Kantoff et al. 2017).
This not only increases the therapeutic efficiency of the encapsulated drug by enhancing its
accumulation at targeted sites, but also attenuates side-effects in patients (Porfire, Achim et al.
2017). One of the earliest studies to demonstrate the therapeutic potential of nanocarriers was
carried out by Gabizon et al. where the encapsulation of Dox into liposomes (Doxil) resulted in an
increase in plasma half-life from 5-10 minutes for the free drug to 2-3 days for Doxil, thereby
delivering high concentrations of the encapsulated drug to target sites (Gabizon, Catane et al.
1994). Given their promise, a number of nanotherapeutics are currently in preclinical trials while
others are already routinely used in a clinical setting (Peer, Karp et al. 2007).
20

Fig. 1: Schematic representation of various nanomaterials. Adapted from (Maximilien, Beyazit et al.
2015).

1.2. Nanotechnology
In recent years, a wide range of nanocarriers made from a variety of materials and harboring
different properties, such as size, shape, charge, surface modification and drug payload have been
developed for the diagnosis and treatment of many diseases (Tanaka, Decuzzi et al. 2009). For
instance, block copolymer micelles have been widely investigated as controlled-release drug
delivery systems as their small size minimizes uptake by the mononuclear phagocyte system
(MPS), and they possess a stealth hydrophilic shell surrounding a well-defined hydrophobic core,
which can facilitate the encapsulation of a variety of water-insoluble drugs (Sun, Wang et al. 2018).
These micelles have also been reported to exhibit high biocompatibility, larger drug storage
capacity and can be easily functionalized with tumor-specific targeting ligands or antibodies
(Cabral, Miyata et al. 2018). Moreover, the large surface-area-to-volume ratio of nanocarriers not
only allows payloads of drugs, genes and other therapeutic molecules to be efficiently encapsulated
and protected from enzymatic degradation, but also enables the integration and co-delivery of two
21

or more therapeutic agents (Fan, Yung et al. 2017). This combination approach is currently the
main focus of clinical research as it has been reported to yield stronger therapeutic effects by
reducing MDR (via different mechanisms of action) and potential side-effects (due to a low dosage
of each compound being administered) (Zhang, Yang et al. 2016). The advantages of this
combinatorial approach were highlighted by Lai et al. when they demonstrated a significant
synergistic effect with the use of both celecoxib, a cyclooxygenase-2 inhibitor, and emodin, a
tyrosine kinase inhibitor, to suppress the growth of rat cholangiocarcinoma (Lai, Zhang et al.
2003). This cell growth suppression was a result of enhanced caspase-dependent apoptosis exerted
by both drugs (Lai, Zhang et al. 2003).
Another prominent advantage that nanomaterials exhibit is that their surface can be
functionalized with proteins or other biomolecules to enhance their stability in biological
suspension and prolong their circulation time (Fan, Yung et al. 2017). Moreover, functionalized
nanomaterials can be used to control the release of the loaded drug molecules via diverse internal
and external stimuli, such as pH, heat and light, thereby avoiding premature drug leakage in healthy
tissues and mitigating any side-effects (Zangabad, Karimi et al. 2017). This was highlighted by
Decuzzi and Ferrari, where they showed that the behavior of nanocarriers can be controlled not
only by tailoring their surface properties (functionalization with ligand molecules or coating with
polymers), but also their size and shape (Decuzzi and Ferrari 2006). As a result, fine-tuning these
parameters during the fabrication and synthesis process is important as they play a key role in the
circulation of the nanocarrier, recognition of vascular and extravascular targets, as well as
interaction with target cells and cells of the immune system (Decuzzi and Ferrari 2006). Moreover,
a detailed understanding of the interplay of these physicochemical characteristics on drug release,
toxicity, stability and in vivo fate is required for the clinical translation of a targeted drug delivery
nanosystem (Sanna, Pala et al. 2014).
1.3. Tumor targeting
Enhanced permeability and retention (EPR) effect
Owing to their small size, nanocarriers are able to exploit the distinct tumor architecture and
selectively accumulate in solid tumors (Peer, Karp et al. 2007). The concept of tumor targeting of
22

nanomedicine-based therapeutics dates back to 1908, when Paul Ehrlich proposed the ‘magic
bullet’ (Maruyama 2011). This concept was highlighted in two parts: i) to recognize and bind the
target, and ii) to provide a therapeutic action on this target (Maruyama 2011). With this in mind,
two major approaches have been put forward to explain how selective drug targeting to solid
tumors can be achieved. The first mechanism is known as enhanced permeability and retention
(EPR) mediated targeting, while the second being active targeting (Deshpande, Biswas et al. 2013).
NPs can ‘passively target’ tumors by utilizing the EPR effect, a well-established
phenomenon that was first described by Matsumura and Maeda in 1986 (Matsumura and Maeda
1986) and results from both the abnormal vascular architecture and suppressed lymphatic drainage
of tumors (Greish 2010). As a nascent tumor develops, angiogenesis takes place (a process known
to supply the rapidly dividing cells of a developing tumor with an adequate amount of nutrients
and oxygen) in which the newly formed blood vessels are typically comprised of poorly aligned
defective endothelial cells with wide fenestrations (Danhier, Feron et al. 2010, Ozpolat, Sood et
al. 2014). In addition to the rapid and defective angiogenesis observed in tumors, the blood vessels
are characterized by an increased permeability to macromolecules owing to the presence of an
abnormal amount of vascular growth factors and vascular permeability enhancing factors (such as
bradykinin, nitric oxide and prostaglandins) (Hoshyar, Gray et al. 2016). This results in
nanocarriers, which typically range from 20 to 200 nm in size for cancer therapy, being able to
pass through the leaky junctions of endothelial cells that line the tumor capillaries and selectively
enhance the concentration of the encapsulated drugs within the tumor interstitial space
(Deshpande, Biswas et al. 2013). Following penetration into the tumor, the enhanced accumulation
of nanocarriers within the tumor interstitium is also favored by the impaired lymphatic vessels that
contribute to inefficient drainage of the nanocarriers within the tumor tissue (Peer, Karp et al.
2007). In healthy tissues, however, drugs encapsulated within nanocarriers are unable to pass
through the tight endothelial junctions of normal blood vessels, and the functioning lymphatic
system clears the nanocarriers more efficiently from healthy tissues, thus avoiding nonspecific
toxicities (Greish 2010, Ozpolat, Sood et al. 2014).
Despite EPR-mediated targeting being reported as a drug delivery strategy for cancer cells,
several physiochemical properties, such as the size of the nanocarrier have been shown to influence
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its targeting, cellular uptake and tumor penetration (Torchilin 2011). For instance, studies have
revealed that for extravasation into tumors to take place, the nanocarrier size should not be larger
than 400 nm as beyond this size it will be unable to remain in circulation for a prolonged period
of time (Gabizon, Catane et al. 1994, Deshpande, Biswas et al. 2013). More efficient extravasation,
however, has been observed with nanocarriers less than 200 nm, but greater than 10 nm, which is
above the renal filtration threshold (Peer, Karp et al. 2007, Ozpolat, Sood et al. 2014); this would
allow the carriers to avoid being opsonized, which involves the adsorption of plasma proteins (e.g.
immunoglobulins, complement proteins or receptors presents on macrophages) onto the surface of
circulating NPs, and subsequently taken up by the MPS, which consists predominantly of
macrophages in the liver, spleen and lymph nodes (Luqmani 2005, Ozpolat, Sood et al. 2014). As
a result, it is important to gain a more in-depth understanding of the interactions between
nanocarriers and their complex biological environments that affect their recognition and
elimination by the MPS. Conversely, the size of the nanocarrier, and thus their accumulation in
the tumor, is also strongly influenced by the size of the endothelial junctions, which can
significantly vary depending on the tumor type, its environment and localization (Porfire, Achim
et al. 2017). Nanocarriers with sizes ranging from 30 to 100 nm have been able to efficiently
extravasate and accumulate within hyperpermeable tumors, unlike poorly permeable tumors where
nanocarriers smaller than 70 nm were shown to be effective (Porfire, Achim et al. 2017).
Additionally, the charge of the nanocarrier can affect targeting via the EPR effect (Porfire, Achim
et al. 2017). Studies have revealed that anionic or neutral liposomes are able to escape renal
clearance, whereas cationic liposomes tend to nonspecifically interact with anionic components in
the blood, resulting in rapid clearance from circulation by the MPS (Gabizon, Catane et al. 1994).
Moreover, it has been shown that an increase in the amount of cationic lipids in the liposomal
membrane can increase the tendency of liposomes to aggregate and that cationic liposomes are
highly toxic to macrophages and immune cells (Gabizon, Catane et al. 1994, Deshpande, Biswas
et al. 2013).
Another factor that has been shown to affect the efficiency of EPR-mediated tumor
targeting is blood circulation time (Danhier, Feron et al. 2010). Prolonged systemic circulation
would allow very high local concentrations of drug-loaded nanocarriers to be achieved at the tumor
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site, for instance 10–50-fold higher than in normal tissue within 1–2 days (Torchilin 2011).
However, conventional liposomes composed of phospholipids and sometimes cholesterol are
rapidly eliminated from circulation by the MPS as plasma proteins are easily adsorbed onto the
surface (Maruyama 2011). A common method that is currently used to prevent opsonization of
nanocarriers and their subsequent recognition and clearance by monocytes and macrophages of
the MPS entails coating the surface of the nanocarrier with an inert, water-soluble polymer; this
prevents the nanocarriers from aggregating and restricts their interactions with components of the
blood stream that mediate the phagocytic clearance (Danhier, Feron et al. 2010). PEG is the most
widely used ‘stealth’ polymer in the drug delivery field due to its safety and ability to increase the
blood circulation half-life by several orders of magnitude (Porfire, Achim et al. 2017). It involves
grafting PEG onto the surface of nanocarriers in which ethylene glycol units form tight
associations with water molecules, thereby forming a protective hydrophilic layer that is able to
impart this ‘stealth’ effect (Torchilin 2006). Additionally, the mechanisms of escaping
opsonization and clearance by PEG include shielding the surface charge of the nanocarrier and
enhancing the repulsive interactions between the NP and plasma components (Deshpande, Biswas
et al. 2013). This was exemplified by PEG-coated liposomes that had a half-life of 5 days unlike
conventional liposomes, which were taken up by the MPS and destroyed with a half-life of 20
minutes (Maruyama 2011).
Apart from using biocompatible polymers to effectively shield NPs from plasma
components, alternative stealth materials have been reported for extending the blood circulation
time of nanocarriers. These include camouflaging with cellular membranes, functionalizing
nanocarriers with ‘self’ markers that have anti-phagocytic properties (e.g., CD47), or coating the
NPs with a serum protein (e.g., human serum albumin (HSA)) that has dysopsonic activity and
increases the surface hydrophilicity of the NPs (Ogawara, Furumoto et al. 2004, Bao, Zhang et al.
2021). For instance, 50 nm polystyrene nanospheres pre-coated with HSA were reported to
successfully circumvent MPS recognition, which resulted in a prolonged blood circulation and
significantly lower hepatic uptake clearance than uncoated nanospheres, which were rapidly
eliminated from the systemic circulation following intravenous administration in rats (Ogawara,
Furumoto et al. 2004). Rodriguez et al. also computationally designed ‘self’ peptides from human
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CD47, which were attached to the surface of 160-nm nanobeads in an attempt to bind to the signal
regulatory protein alpha (SIRPα) expressed on the macrophage membrane and impede phagocytic
clearance (Rodriguez, Harada et al. 2013). Upon administration to NSG (non-obese diabetic
(NOD) severe combined immunodeficient IL2rγnull) mice, these CD47-functionalized nanobeads
harboring paclitaxel prolonged drug circulation by delaying phagocytic clearance by the liver and
spleen and showed greater accumulation in A549 tumors within 10 min. Additionally, various
nanocarriers have been coated with natural cell membranes derived from erythrocytes, leukocytes
or thrombocytes, thus preventing them from being recognized and eliminated by the MPS
(Rodriguez, Harada et al. 2013, Shi, Kantoff et al. 2017).
Despite cell membrane-coated NPs having a longer circulation time than that of uncoated
NPs, it has been reported that their circulation half-life is still much shorter than that of the cells
themselves (Shi, Kantoff et al. 2017). As a result, studies are currently investigating how the cell
membrane (e.g., its components and elasticity) is affected once the NP surface has been coated.
Moreover, although PEGylation masks against opsonization and enhances circulation time of the
nanocarrier in the blood, it can sometimes act as a barrier to the intracellular delivery and release
of payloads (Porfire, Achim et al. 2017). Interestingly, once endocytosis takes place, the PEG
moieties can prevent the escape of nanocarriers from the endosomes resulting in the payload being
degraded (Fang, Xue et al. 2017). With this in mind, there are three important factors that need to
be optimized as they can influence the function of PEG: (i) the molecular weight of the PEG chain,
(ii) the surface chain density, and (iii) the surface conformation (Gref, Lück et al. 2000). Studies
have also revealed that this issue can be circumvented through the use of sheddable PEG coatings
(Kaasgaard and Andresen 2010). This entails introducing labile linkages (crosslinkers) between
the hydrophilic PEG and hydrophobic, lipid moiety, which can be cleaved upon exposure to tumorspecific features such as low pH, reducing agents or enzymes (Kaasgaard and Andresen 2010,
Porfire, Achim et al. 2017). Several examples of pH-sensitive covalent bonds include diortho
esters, vinyl esters, cysteine-cleavable lipopolymers, double esters and hydrazones, which are quite
stable at pH 7.4, but are hydrolyzed relatively rapidly in acidic conditions (Deshpande, Biswas et
al. 2013). Moreover, pH-sensitive PEG copolymers, such as poly(methacrylic acid),
poly(diethylaminoethyl methacrylate), poly(acrylamide) and poly(acrylic acid) can be
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incorporated into nanocarriers, such as liposomes; upon exposure to the peritumoral acidic
environment or the acidic environment within the endocytic compartments, hydrolysis of the
linkage would take place, resulting in liposomal destabilization and triggering drug release
(Deshpande, Biswas et al. 2013).
Recent reports, however, have revealed that despite passive targeting having great
therapeutic potential, progress in developing passively targeted nanocarriers has been impacted by
several EPR-mediated targeting limitations (Porfire, Achim et al. 2017). For instance, there exists
significant heterogeneity within and between different tumors, which is attributed to the EPR effect
being based on the degree of vascularization and angiogenesis (Golombek, May et al. 2018).
Consequently, this can lead to the distribution of nanosized carriers within the tumor mass being
uneven and heterogeneous clinical outcomes. Indeed, this targeting strategy has been reported to
be ineffective in hypovascular tumors, such as prostate or pancreatic cancer (Danhier, Feron et al.
2010). Even in high-EPR xenografted tumors, less than 1% of passively targeted NPs accumulate
in tumors, suggesting that NPs suffer from targeting inefficiency and poor cellular uptake
(Nakamura, Mochida et al. 2016). It has also been shown that delivery systems that are passively
targeted to pathological sites exhibit poor cellular uptake, which may cause off-target
accumulation and MDR, typically observed in conventional chemotherapy (Clemons, Singh et al.
2018). A combination of leaky blood vessels and a malfunctioning lymphatic (clearance system)
also results in high interstitial fluid pressure (IFP) within solid tumors and low microvascular
pressure, which inhibits convective delivery (Baronzio, Parmar et al. 2015). Thus, transport within
tumors takes place largely via passive diffusion, which is highly inefficient and leads to
nonhomogeneous distribution of drugs within the tumor mass, thus compromising the EPR effect
(Golombek, May et al. 2018). As a result, solely depending on the EPR effect is insufficient to
achieve efficient tumor targeting.
Active targeting
The drawbacks associated with passive targeting have prompted the development of an alternative
approach to enhance the permeation and retention of NPs in tumors. This entails actively targeting
nanocarriers to cancer cells (Hoshyar, Gray et al. 2016), which is achieved by coating the surface
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of nanocarriers with targeting moieties (e.g., monoclonal antibodies, peptides, proteins, nucleic
acid or carbohydrates) that bind to overexpressed receptors or other membrane proteins located on
the surface of cancer cells, thereby increasing cellular uptake and accumulation in target tissues
(Porfire, Achim et al. 2017). Moreover, targeting ligands on nanocarriers can mitigate the uptake
loss by the PEG coating and promote their internalization by triggering receptor-mediated
endocytosis (Hoshyar, Gray et al. 2016).
Recent studies have demonstrated greater intracellular drug delivery and, thus, better
antitumor activity with ligand-targeted NPs in comparison to non-targeted NPs (Yang, Sun et al.
2005, Byrne, Betancourt et al. 2008). As an example of such a strategy, Matsumura et al. reported
a liposome encapsulated Dox in which the surface was coated with PEG for immune shielding and
functionalized with antigen binding fragments of the human monoclonal antibody GAH that
recognizes and binds to cell surface molecules on various types of cancer cells (Matsumura, Gotoh
et al. 2004). Preclinical studies showed that this nanocarrier was more cytotoxic to stomach cancer
cells than the free drug or liposomes that lacked the targeting moiety (Doxil). Moreover, these
functionalized liposomes were tolerated as patients did not experience any severe skin toxicity,
such as palmar-plantar erythrodysesthesia (PPE) or mucositis, unlike the patients who received
Doxil (Matsumura, Gotoh et al. 2004).
Although this approach promotes accumulation within tumors and has yielded promising
results in preclinical studies, the therapeutic outcome in humans of these actively targeted NPs for
cancer drug delivery has been limited (Rosenblum, Joshi et al. 2018). This is attributed to cancer
biomarker receptors not only being expressed in cancer cells, but also in healthy cells, which can
lead to a range of side-effects in patients (Andreev, Engelman et al. 2010). This active targeting
strategy is also hampered by the lack of homogeneously expressed cell surface markers between
cells within an individual tumor or among tumors at different stages of metastasis as a result of
genetic instability (Wyatt, Moshnikova et al. 2018). Rapid mutation rates and genetic variation can
also cause the selection of cancer cell phenotypes that do not express high levels of the targeted
biomarker, which can lead to the development of drug resistance and a poor clinical outcome
(Wyatt, Moshnikova et al. 2018). It has also been established that during in vivo blood circulation,
adsorption of circulating serum proteins to the surface of the NPs can cause substantial leakage of
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the loaded drugs from the nanocarrier (Alberg, Kramer et al. 2020). In the case of block copolymer
micelles, the formation of this so-called protein corona has been reported to disrupt the micellar
shell and increase the chance of nanocarrier aggregation, thereby reducing their circulation time
(Sun, Wang et al. 2018). As a result, there are limited examples of these micellar systems that have
reached the clinical trial stage (Wilhelm, Tavares et al. 2016). Various physical and chemical
strategies has been utilized in order to enhance the micellar stability and reduce leakage of the
encapsulated drug; these include augmenting the drug’s hydrophobicity and its solubility with the
polymeric matrix (Shi, Kantoff et al. 2017). However, these adjustments can cause the
encapsulated drugs to aggregate during the synthesis of the NPs (Zhao, Fay et al. 2016,
Palanikumar, Choi et al. 2018).
The formation of the protein corona on a nanocarrier surface can also mask the ability of
the conjugated ligand to interact with cancer cell surface receptors, which leads to a reduction in
NP accumulation and therapeutic effect (Oh, Kim et al. 2018). Additionally, for those NPs that are
internalized by cancer cells via endocytosis, many of those endocytosed nanocarriers inevitably
become entrapped in endocytic or lysosomal compartments, which can lead to slow and
incomplete intracellular drug release or degradation within the lysosomes, thereby attenuating the
efficacy of the loaded chemotherapeutic (McErlean, McCrudden et al. 2015). This was shown by
studies on nanocarrier-mediated delivery of siRNA, which revealed that endosomal escape
efficiency was extremely low (1–2%), with most of the of the internalized siRNA (~70%)
undergoing exocytosis (Gilleron, Querbes et al. 2013, Sahay, Querbes et al. 2013). Thus,
endosomal trapping and poor delivery of the payload to the target intracellular site remains a major
barrier for nanocarrier-mediated drug delivery strategies. To address these challenges, studies have
highlighted that functionalizing the surface of nanocarriers with cell-penetrating peptides (CPPs),
a new class of delivery vectors, instead of ligands for specific cancer biomarker proteins can
improve the therapeutic efficiency of these systems as CPPs are able to penetrate biological
barriers and cellular membranes (Porfire, Achim et al. 2017).
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1.4. CPPs: an overview
The trans-Activator of Transcription protein (TAT) of the Human Immunodeficiency Virus and
the Drosophila Antennapedia homeodomain were the first proteins to be recognized for their cellpenetrating propensities (see Table 1 for peptide sequences) (Derossi, Joliot et al. 1994, Vives,
Brodin et al. 1997, Kalmouni, Al-Hosani et al. 2019). Extensive structural and functional studies
on these proteins led to the discovery of the first CPPs, the TAT peptide (derived from the HIV-1
transcription-activating protein) and pAntp (or also known as penetratin from the Antennapedia
homeodomain), which has paved the way for generating a large number of protein-derived and
chimeric CPPs as well as synthetically preparing a wide variety of CPP analogues (Low, Mortlock
et al. 2007, Jones, Holm et al. 2010).
Table 1. Primary sequences of the CPPs and CTPs discussed in this chapter.
Peptide

Sequence

TAT

GRKKRRQRRRPPQ

pAntp (Penetratin)

RQIKIWFQNRRMKWKK

SAP(E)

Ac-CGGW(VELPPP)3

pHLIP

AEQNPIYWARYADWLFTTPLLLLDLALLVDADEGT

ATRAM

GLAGLAGLLGLEGLLGLPLGLLEGLWLGLELEGN

Refs
(Vives, Brodin et al.
1997)
(Derossi, Joliot et al.
1994)
(Martín, Teixidó et al.
2011)
(Andreev, Engelman
et al. 2009)
(Nguyen, Alves et al.
2015)

These CPPs are typically composed of a maximum of 30 amino acids and often carry a net
positive charge at physiological pH due to the presence of basic amino acid residues; this allows
electrostatic interactions to take place with negatively charged cell-surface constituents, such as
heparan sulfate proteoglycans, which are believed to play an important role in initiating the uptake
of CPPs (Shin, Zhang et al. 2014). Interestingly, a number of negatively charged CPPs have also
been identified or developed. These include modified sweet arrow peptides SAP(E), which had
their arginine residue replaced by glutamate residues and are known to adopt a polyproline II
helical secondary structure (see Table 1 for peptide sequence) (Kalafatovic and Giralt 2017,
Kalmouni, Al-Hosani et al. 2019). Additionally, CPPs have been found to be very effective in
overcoming various bio-barriers at different tissue levels, such as the blood-brain barrier
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(Schwarze, Ho et al. 1999), intestinal walls (He, Sheng et al. 2013) and intratumoral penetration
barrier (Wang, Zhao et al. 2014), suggesting that a better understanding of the molecular
mechanisms and in vivo profiles of these peptides could provide a promising approach in using
CPPs for cancer therapy.
One of the earliest studies to demonstrate the delivery efficacy of a CPP in vivo was carried
out by Schwarze et al. where, following an intraperitoneal injection in mice of β-galactosidase
fused to the 11-amino acid TAT peptide, the fusion protein was detected in all tissues, including
the brain, revealing that the chimeric protein can cross the blood-brain barrier (Schwarze, Ho et
al. 1999). Additionally, the potential of CPPs in increasing the delivery efficiency of NPs was first
confirmed by Josephson et al. (Josephson, Tung et al. 1999). Their findings revealed that dextrancoated superparamagnetic iron oxide NPs functionalized with the TAT peptide were internalized
into lymphocytes over 100 times more efficiently than non-modified NPs. Since then, several in
vitro and in vivo studies have demonstrated increased cellular uptake of NPs functionalized with
CPPs (Shirazi, Paquin et al. 2014, Zuo, Yao et al. 2014). For example, an NP conjugated to LMWP
(CPPs of low molecular weight protamine) exhibited increased cellular accumulation in
comparison to unmodified NPs (Xia, Gao et al. 2011). Since then, studies have also reported on
the use of CPPs with nanocarriers for RNA delivery (Shukla, Qin et al. 2014). As an example of a
CPP-modified nanocarrier, Malhotra et al. developed TAT peptide-tagged PEGylated chitosan
NPs for siRNA delivery to neuronal cells; these NPs successfully suppressed ataxin-1 gene
expression in an established model of Spinocerebellar ataxia (Malhotra, Tomaro-Duchesneau et
al. 2013). Another study focusing on non-covalent peptide-based RNA delivery showed that the
CADY peptide forms stable complexes with siRNA through non-covalent interactions, thereby
enhancing their delivery into primary and suspension cell lines (Crombez, Charnet et al. 2007).
Moreover, Wancewicz et al. conjugated a peptide nucleic acid (PNA) to short basic peptides,
which allowed for the accumulation of the conjugate in liver, kidney and adipose tissue
(Wancewicz, Maier et al. 2010). In particular, addition of an arginine sequence to a PNA altered
its toxicity and tissue distribution profile; it lacked nephrotoxicity and displayed enhanced
accumulation in targeted adipose tissue in comparison to a PNA covalently conjugated to an
amphipathic peptide containing Ala, Leu and Lys (Shukla, Qin et al. 2014). As a result, toxicity
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and tissue distribution of peptide-based carriers depends on the amino acid, arrangement,
molecular weight and number of cationic charges per monomer unit (Shukla, Qin et al. 2014).
Although the exact mechanisms by which CPPs enter the cells remains poorly understood,
two major uptake mechanisms, nevertheless, have been proposed to explain how these peptides
could possibly deliver various kinds of cargo molecules into cells (Regberg, Srimanee et al. 2012,
Kristensen, Birch et al. 2016). The first entails direct translocation through the lipid bilayer via an
energy-independent manner, whereas the second involves energy-dependent endocytosis that is
mediated by either phagocytosis or pinocytosis (Regberg, Srimanee et al. 2012) (Fig. 2).
Phagocytosis takes place when scavenger cells engulf bacteria, cell debris and other large particles
while pinocytosis, which exists in all cell types, is further divided into macropinocytosis (a
nonspecific form of fluid phase endocytosis), endocytosis dependent on clathrin or caveolin, or
endocytosis independent of clathrin and/or caveolin, all of which differ in the formation of vesicles
and their resulting sizes (Bechara and Sagan 2013). The initial step in both energy-dependent and
energy-independent cases is the interaction of the positively charged amino acids of CPPs, such as
arginine and lysine, with the negatively charged membrane’s components, such as heparan sulfate
and the phospholipid headgroups, which results in membrane structure destabilization (Shukla,
Qin et al. 2014). It has also been postulated that arginine-rich peptides, such as R9, have superior
internalization efficiency compared to lysine-rich peptides due to the ability of the guanidinium
headgroups in arginine to form stable bidentate hydrogen bonds with anions as opposed to the
ammonium cations of lysines that form only one hydrogen bond (Åmand, Fant et al. 2008).
Chemical modification of the peptide with stearic acid or cholesterol has also been shown to
increase the hydrophobicity and affinity to lipid bilayers (Shukla, Qin et al. 2014).
Today, most CPPs are believed to be taken up through endocytosis; however, evidence for
the endocytosis-independent, direct translocation pathway was also obtained when several CPPs,
such as the CADY peptide, were observed to translocate across the plasma membrane at
temperatures as low as 4 ºC, which typically inhibit energy-dependent endocytosis (Rydström,
Deshayes et al. 2011, Guo, Peng et al. 2016). Although the exact nature of the direct translocation
pathway remains unclear, various models have been proposed, which include the transient pore
formation, inverted micelle formation, a detergent-like ‘carpet’ mechanism or membrane thinning
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(Avci, Sariyar Akbulut et al. 2018). For example, the inverted micelle formation involves the CPP
initially associating with the plasma membrane via electrostatic interactions to transiently form an
inverted micelle (Shukla, Qin et al. 2014). This is followed by the inverted micelle structure
interacting with the membrane components, thereby destabilizing the inverted micelles and
inevitably allowing the CPP to cross the hydrophobic environment of the phospholipid tail and
releasing the cargo into the cytoplasm. Nevertheless, contradictory observations are often reported
where one study shows endocytosis as the main uptake mechanism for a certain CPP, whereas
another study reports a different outcome. It has been suggested that these observations may be
due to the presence of different factors, which affect the cellular uptake and translocation
mechanisms; these include the characteristics of the CPP (e.g., sequence, charge, size and
concentration) as well as the characteristics of the cargo (e.g., size , type and whether covalently
or non-covalently attached) (Bechara and Sagan 2013, Guo, Peng et al. 2016). For instance, many
CPPs that are attached to a large cargo or complexed with nucleic acid are taken up via the
endocytic pathway (Shukla, Qin et al. 2014). Furthermore, at higher concentrations of the CPP,
the dominant uptake mechanism is direct translocation, whereas at lower concentrations of the
peptides it has been reported to be endocytosis (Derakhshankhah, Jafari et al. 2018, Kalmouni, AlHosani et al. 2019).
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Fig. 2: Schematic representation of the various uptake mechanisms for CPPs. These mechanisms include
energy-dependent endocytosis (right) and energy-independent direct translocation (left). Adapted from Layek,
Lipp et al. 2015).

1.4.1 Inherent limitations of CPPs
Studies investigating the delivery efficacy of CPPs have revealed however, that although they are
very efficient in mediating the in vitro cell uptake of different cargo molecules into a variety of
cell types, their use as therapeutics and/or delivering anticancer drugs has been hampered by a
number of issues (Kalmouni, Al-Hosani et al. 2019). These include short in vivo half-life, marked
resistance to proteolytic cleavage and rapid clearance (t1/2 of 2–30 min) as a result of renal
infiltration (Foged and Nielsen 2008). Similar to chemotherapeutics, CPPs are also non-selective;
most CPPs will interact with serum proteins in circulation, as well as the membranes of a range of
cell types due to the presence of heparan sulfate proteoglycans and other cell-surface constituents,
leading to nonspecific distribution (Foged and Nielsen 2008). Indeed, the targeting inefficiency of
CPPs was shown when following an intraperitoneal injection in mice, the TAT peptide fused to βgalactosidase was found in many tissues, including the brain (Schwarze, Ho et al. 1999).
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Strategies to enhance the stability and/or extend the in vivo half-life of peptides include
replacing L-amino acids with their D-analogues as they are less sensitive to degradation
(Kalafatovic and Giralt 2017). Although incorporation of D-amino acids resulted in marked
resistance of CPPs to degradation, the use of non-natural amino acids was reported to lower the
peptides’ internalization efficiency (Kalafatovic and Giralt 2017). Additional strategies include
modifying the peptide sequences in order to increase their affinity for long-lived serum albumin
(the most abundant protein in human blood plasma), or coupling the peptides to water-soluble
polymers, such as PEG or polysaccharides (van Witteloostuijn, Pedersen et al. 2016). Indeed,
FDA-approved diabetes therapeutics (e.g., insulin detemir, insulin degludec and liraglutide) are
coupled to a fatty acid chain, such as myristic and palmitic acid that have a high affinity to serum
albumin, thereby using it as a temporary carrier to prolong their circulation half-life (van
Witteloostuijn, Pedersen et al. 2016). Moreover, conjugation to albumin and PEG are more suitable
for large polypeptides and proteins (Mero, Clementi et al. 2011), and due to PEG being nonbiodegradable, repeated administration of some PEGylated proteins has been associated with
cellular toxicity and generation of anti-PEG antibodies (Hoang Thi, Pilkington et al. 2020).
Another approach in improving the circulation half-life of peptides is by incorporating them into
Pegylated NPs (Malhotra, Tomaro-Duchesneau et al. 2013, Shukla, Qin et al. 2014). Despite NPs
showing potential for cancer drug delivery, they suffer from a number of drawbacks, which include
targeting inefficiency, poor cellular uptake and endosomal entrapment (McErlean, McCrudden et
al. 2015, Nakamura, Mochida et al. 2016),
Researchers have also developed certain strategies to overcome the targeting inefficiency
of CPPs, one of which is localized injection of CPPs attached to cargo molecules. Despite this
approach demonstrating effective delivery of the CPP-cargo to tumor cells, it was found to be only
suitable for solid, localized tumors or easily accessible organs (LeCher, Nowak et al. 2017). As a
result, it is imperative to develop a therapeutic strategy that minimizes off-target side-effects and
focuses on an intrinsic property of the cancer cells. With this in mind, researchers have focused on
the development of cancer targeting peptides (CTPs) that exploit the unique characteristics of the
tumor microenvironment or cancer cells in order to facilitate the selective delivery of nanocarriers
loaded with drug molecules (Jiang, Olson et al. 2004, Huang, Shao et al. 2013).
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1.5. Cancer targeting strategies
1.5.1 Extracellular acidity
pH-low insertion peptides (pHLIPs)
A wide variety of cancer cells are characterized by elevated glycolytic rates due to hypoxia and
increased cellular metabolic activity (Andreev, Engelman et al. 2010). The consequence of this
glycolytic metabolism is the increased production and secretion of lactate and protons, resulting
in an acidic microenvironment (Nguyen, Alves et al. 2015). Moreover, the overexpression of
carbonic anhydrases is known to play a role in contributing to the acidic extracellular milieu as
these enzymes catalyze the hydration of carbon dioxide, which is subsequently released from
cancer cells to form carbonic acid that dissociates into bicarbonate and H+ (Kato, Ozawa et al.
2013). This acidic extracellular milieu, which is significantly lower than physiological pH, has
been shown to promote tumor invasion, proliferation and chemoresistance through increased
secretion and activation of proteases, matrix metalloproteinases (MMPs), bone morphogenetic
protein-1-type metalloproteinases, tissue serine proteases and adamalysin-related membrane
proteases (Andreev, Engelman et al. 2010). As a result, targeting the peritumoral acidity of solid
tumors represents an effective approach for the delivery of chemotherapeutic drugs to cancer cells
as it surmounts the dependence on endogenous biomarkers and passive retention (Gao, Chan et al.
2010).
There is a growing body of research that is focused on pH-sensitive peptides and their use
in tumor imaging and payload delivery (Daumar, Wanger-Baumann et al. 2012, Karabadzhak, An
et al. 2014). In particular, the majority of peptides that target acidosis typically consist of
glutamate, aspartate and histidine residues as they can naturally respond to pH alterations via
titration of the sidechains (Andreev, Engelman et al. 2009). The pKa values of ionizable groups in
proteins are highly dependent on the environment; for the glutamic acid side-chain, this value
ranges from ∼4.0 in solution and increases to >8.0 in hydrophobic environments, whereas histidine
undergoes an acidic shift (Harms, Castañeda et al. 2009, Pace, Grimsley et al. 2009).
Consequently, pHLIPs are a unique class of moderately hydrophobic peptides derived from the Chelix of bacteriorhodopsin that have received considerable attention due to their pH-dependent
targeting of cancer cells (see Table 1 for sequence) (Daniels, Crawford et al. 2017). Several
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thermodynamic and kinetic studies utilizing a variety of biophysical techniques were carried out
to determine the mechanism of insertion and folding of these peptides across a phospholipid
bilayer (Karabadzhak, Weerakkody et al. 2012, Weerakkody, Moshnikova et al. 2013, Narayanan,
Weerakkody et al. 2016). It was revealed that the wild-type (WT) pHLIP family transitions can be
found in three states. State I refers to pHLIP WT a stable, unstructured monomer in aqueous
solution at pH 7.4 (Narayanan, Weerakkody et al. 2016), whereas state II takes place when pHLIP
WT is bound to the surface of lipid bilayers, but remains in a coiled-like conformation
(Reshetnyak, Andreev et al. 2008). Finally, under acidic conditions, the peptide transitions to state
III in which the negatively charged aspartate residues are protonated, thereby enhancing the
hydrophobicity of pHLIP WT and its affinity for the membrane (Narayanan, Weerakkody et al.
2016). This in turn, triggers the peptide to fold and insert into the lipid bilayer as a monomeric
transmembrane α-helix (Reshetnyak, Andreev et al. 2008). The use of pHLIP for intracellular
delivery was shown by Daniels et al. where NPs coupled to pHLIP had a more enhanced tumor
targeting propensity (Daniels, Crawford et al. 2017). It was also reported that pHLIP can facilitate
direct cytoplasmic delivery, thereby avoiding endosomal trapping of drugs and does not disturb
the integrity of the membrane during translocation, unlike other pH-responsive peptides (e.g.,
GALA peptides) (An, Wijesinghe et al. 2010).
The exact insertion mechanism of pHLIP into membranes remains unclear. Protonation of
the carboxylic side chains of the central aspartic residues (D14 and D25) was always thought to
be crucial for the peptide’s folding and insertion in response to acidity (Andreev, Engelman et al.
2009). However, solid-state nuclear magnetic resonance (ssNMR) analysis conducted by Shu et
al. and Hanz et al. demonstrated that the C-terminal aspartic residues, D31 and D33, may also play
a role in pHLIP’s pH-dependent targeting (Shu, Chung et al. 2015, Hanz, Shu et al. 2016). At pH
6.4, and prior to complete insertion, pHLIP peptides were found to co-exist in both unstructuredperipheral (state II; approximately 70%) and α-helical-inserted (state III; approximately 30%)
structures, suggesting a new membrane-embedded state of transition: state II’ that lies between
states II and III and differs in terms of structure and membrane location (Shu, Chung et al. 2015,
Hanz, Shu et al. 2016). Briefly, Shu et al. and Hanz et al. proposed that during state II (at pH 7.4),
the N-terminal half alanine residues, A10 and A13, bind to the headgroup phosphates of the outer37

leaflet phospholipid bilayer. During state II’ (at pH 6.4), residues A10 and A13 bury deeper (but
still peripherally) into the membrane bilayer, pulling A27 and the polar C-terminal half (including
D25, D31, D33) downward and closer to the 31P nuclei of the phospholipid (Kalmouni, Al-Hosani
et al. 2019). During the state II – state II’ transition, the C-terminus aspartates (D31, D33) are
protonated first, leading to pHLIP hydrophobicity enhancement and deep adsorption into the
hydrophobic membrane interior, which in turn triggers protonation of D25 and D14 and complete
membrane insertion (Shu, Chung et al. 2015, Hanz, Shu et al. 2016).
Gupta and Mertz recently examined the protonation of pHLIP’s residues (D14, D25, D31,
and D33) during the transition from state I to state II (Gupta and Mertz 2017). They revealed that
titration of these residues under acidic conditions led to both α-helical and β-strand conformations
of the peptide. Although it was previously reported that protonation of both D14 and D25 increased
the interactions between N- and C-terminal regions, a reduction in the helicity of the peptide was
observed upon protonation of both these aspartates. Conversely, protonation of either single
residue (D14 or D25), or all aspartic acid residues, resulted in a more helical conformation.
However, protonation of all aspartic acid residues (D14, D25, D31, and D33) abolished interaction
between the pHLIP’s N and C-terminus (Gupta and Mertz 2017), indicating that an increase in
interactions between the N- and C-terminus of pHLIP due to protonation has no direct correlation
with the peptide’s helical formation (Gupta and Mertz 2017). In agreement with these findings,
Karabadzhak et al. tested different pHLIP variants by changing the sequence of the peptide
(Karabadzhak, Weerakkody et al. 2012). Their findings also revealed that truncation of pHLIP’s
protonatable residues in the C-terminus half has no effect on the helical conformation, but is
correlated with the folding-insertion and unfolding-exiting time. Increasing the pH stimulates the
exit process through deprotonation of the transmembrane pHLIP residues and, hence, unfolding of
the peptide (Karabadzhak, Weerakkody et al. 2012).
The main limitation, however, of the aforementioned studies is that the model membranes
used were composed solely of phosphatidylcholine (POPC), while the plasma membrane consists
of a more complex lipid composition (Van Meer, Voelker et al. 2008) that will potentially have a
different effect on pHLIP’s membrane interaction. Vasquez-Montes’s group confirmed this by
examining the impact of a biological membrane’s lipid composition on pHLIP’s insertion process
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(Vasquez-Montes, Gerhart et al. 2018). Inserting pHLIP into large unilamellar vesicles (LUVs)
composed of anionic lipids, cholesterol, or phosphoethanolamine (POPE) led to elimination of
state II, which they referred to as “shallow” penetration (state IIS), at neutral pH (Vasquez-Montes,
Gerhart et al. 2018). State IIS did was not characterized by a spectral shift of pHLIP’s tryptophan
fluorescence nor a conformational change in the peptide (Kyrychenko, Vasquez-Montes et al.
2015); however, a reduction in acrylamide quenching was observed indicating partitioning into the
bilayer. Formation of state IIS was suggested to be a result of the repulsive electrostatic interactions
between the charged residues of pHLIP and the anionic phospholipid headgroups (Kyrychenko,
Vasquez-Montes et al. 2015, Vasquez-Montes, Gerhart et al. 2018). In the case of neutral lipids,
such as POPE, pHLIP’s interfacial partitioning was suggested to be influenced by the tighter
phospholipid packing due to ethanolamine forming hydrogen bonds in the interfacial region of the
bilayer (Vasquez-Montes, Gerhart et al. 2018). These findings raise questions concerning the
mechanism of pHLIP-membrane interaction and whether the results in model membrane systems
are representative of the complex biological membrane.
Acidity-triggered rational membrane (ATRAM)
Although pHLIP exhibits pH-dependent interaction with membranes and has been successfully
used for imaging of cancer cells, studies have shown that the peptide has several limitations
(Nguyen, Alves et al. 2015, Wyatt, Moshnikova et al. 2018). These include modest targeting of
mildly acidic tumors as its insertion pKa does not fall within the range of the extracellular pH of
tumors and, as is common for hydrophobic peptides, has a tendency to aggregate at high
concentrations and low pH (Wyatt, Moshnikova et al. 2018). This aggregation can alter the affinity
of the peptide for a membrane and its conformational properties. In view of these issues, the
ATRAM peptide was developed by tuning pHLIP’s amino acid sequence (see Table 1 for
sequence) (Nguyen, Alves et al. 2015). Although 23.5% sequence similarity exists between both
peptides, one of the main differences is the incorporation of negatively charged glutamate residues
rather than aspartates into the sequence of the ATRAM peptide as they have a higher pKa (6.5);
this in turn enhances the peptide’s efficiency in targeting cancer cells that reside within the acidic
microenvironment of malignant solid tumors (pH 6.5). A central proline residue was also included
to increase solubility, as well as glycine resides since they tend to favor the formation of α-helices
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in membranes and minimize aggregation in solution (Nguyen, Alves et al. 2015). Additionally, a
single tryptophan was introduced to study the properties of the peptide under different pH
conditions using intrinsic fluorescence experiments (Nguyen, Alves et al. 2015).
These modifications resulted in ATRAM being very soluble at high concentrations (>200
µM) as opposed to pHLIP, and enhancing ATRAM’s membrane targeting under acidic conditions
(Nguyen, Alves et al. 2015). At neural pH, ATRAM was shown to lie parallel to the membrane
plane in an unstructured conformation, whereas under acidic conditions similar to the peritumoral
pH, it would behave as a fusogenic peptide; its glutamic acid residues become protonated, thereby
enhancing the peptide’s overall hydrophobicity. This in turn, would allow the peptide to undergo
a conformational change, forming a transmembrane α-helix that drives membrane insertion
(Nguyen, Alves et al. 2015). Additionally, ATRAM was shown to exhibit extended blood
circulation in comparison to peptides of similar molecular weight owing to its strong binding
affinity to HSA, which it uses as a temporary carrier during circulation (Nguyen, Palanikumar et
al. 2019), to accumulate within acidic tumor tissue in mice (Wyatt, Moshnikova et al. 2018). These
results suggest that ATRAM is able to evade proteolytic degradation and renal clearance in vivo
(Nguyen, Alves et al. 2015).
Cell viability studies in two different human cell lines, malignant melanoma (A375) and
bronchi alveolar carcinoma (H358), also showed that ATRAM is non-toxic under physiological
conditions, indicating that it does not damage cell membranes (Nguyen, Alves et al. 2015). These
cell lines were then used to compare the pH-dependent targeting of cells by ATRAM and pHLIP.
Both peptides bound to cancer cells in a pH-dependent manner, but ATRAM had a stronger
interaction with cancer cells under acidic conditions, thereby underlining its superior cancer
targeting propensities (Nguyen, Alves et al. 2015). In a recently published study, a comparison of
the performance of pHLIP variants and ATRAM was carried out using a wide range of assays; the
results confirmed that ATRAM exhibits a significantly higher membrane affinity and stronger
membrane insertion under acidic pH compared to pHLIP WT and most of its variants (Wyatt,
Moshnikova et al. 2018). Moreover, the drug delivery capability of ATRAM was successfully
demonstrated by Nguyen et al., where ATRAM with a single cysteine at the N-terminus
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conjugated to liposomes translocated into target cancer cells in a pH-dependent manner (Nguyen,
Palanikumar et al. 2019).
There is a growing body of research focused on pH-responsive NPs for cancer therapy
owing to their wide applicability (AlSawaftah, Awad et al. 2022) since certain lesions and
inflammation sites have reduced pH and pH variations exist between many tissues and cellular
compartments (Nguyen, Alves et al. 2015). For instance, a pH gradient exists along the
gastrointestinal tract, ranging from 1.0–3.5 in the stomach to 5.5–7.5 in the intestine, suggesting
that nanocarriers can be designed to target these regions (Karimi, Eslami et al., 2016). However,
this large range in pH values can be problematic as studies have shown that pH-responsive NPs
can suffer from low accuracy and off-target delivery, all of which limit their successful application
in a clinical setting (AlSawaftah, Awad et al. 2022). This suggests that pH-responsive NPs
designed for cancer therapy can instead target the muscle during exercise owing to the high
production of lactic acid (Kemp, Böning et al., 2006) or cross the stomach wall and accumulate
into non-targeted regions. However, potential systemic toxicity of pH-responsive NPs can be
reduced by using receptor-mediated active targeting or by incorporating additional stimuliresponsive elements within the nanocarriers in order to provide better sensitivity and selectivity
(AlSawaftah, Awad et al. 2022). Despite these limitations, pH-responsive NPs are receiving
considerable attention in the field of stimuli-responsive nanocarriers as they have been reported to
yield a more enhanced therapeutic outcome relative to free drugs as they can extend the in vivo
circulation half-life of the payload, evade recognition by neutrophils and macrophages and avoid
interactions with blood serum components that inhibit target recognition and result in nonspecific
distribution (Luqmani 2005, Ozpolat, Sood et al. 2014).
1.5.2 Tumor microenvironment hypoxia
Another characteristic of tumor microenvironments is their hypoxic nature (Petrova,
Annicchiarico-Petruzzelli et al. 2018), which drives malignant progression in cancer cells (Kim,
Lin et al. 2009). The inherent hypoxia of tumors has been exploited to improve the cancer-targeting
specificity of CPPs (Kalmouni, Al-Hosani et al. 2019). The main component of the hypoxic
response of tumor cells is the transcription factor hypoxia-inducible factor-1α (HIF-1α), which
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regulates oxygen homeostasis, angiogenesis, metabolism and cell viability (Majmundar, Wong et
al. 2010). The oxygen-dependent degradation (ODD) domain of HIF-1α is composed of ~200
amino acids and regulates the stability of the transcription factor. Under normoxic conditions, the
ODD domain was shown to interact with the von Hippel–Lindau tumor suppressor, which results
in degradation of HIF-1α by the ubiquitin–proteasome pathway (Harada, Hiraoka et al. 2002).
Exploiting the hypoxic nature of the tumor microenvironment, Harada et al. constructed
TAT fusion proteins (TAT-β-gal and the TAT-caspase-3) conjugated to an oxygen-dependent
degradation domain (ODD) to target cancer cells in vivo (Harada, Hiraoka et al. 2002, Magzoub
and Gräslund 2004). The reasoning was that a TAT-ODD fusion protein would be stable in the
hypoxic regions of tumors, but would be degraded and non-functional in the normoxic
environment of normal tissues. After intraperitoneal injection of TATODD-β-gal into tumorbearing mice, the fusion protein accumulated only in the hypoxic regions of solid tumors and was
absent from healthy tissue (Harada, Hiraoka et al. 2002). Conversely, the same treatment with
TAT-β-gal resulted in the parent protein accumulating in all tissues. In addition, intraperitoneal
injection of the TAT-ODD-caspase-3 protein into tumor-bearing mice lead to a significant
reduction of tumor growth, and consequently the size of the tumors, without any of the obvious
toxic side effects that would be normally be a consequence of delivering active caspase-3 to a
mouse (Harada, Hiraoka et al. 2002).
1.5.3 Cancer associated proteases (CAPs)
CAPs have recently gained attention as a novel method for targeting therapeutic agents to tumors
(Kalmouni, Al-Hosani et al. 2019). Some of these extensively studied CAPs include MMPs, such
as gelatinases MMP-2 and MMP-9, which are overexpressed in most types of cancer tissues, but
are either absent or found in lower concentrations in healthy tissues (Polette, Nawrocki-Raby et
al. 2004). These are known to play crucial roles in promoting cancer invasion and metastasis by
degrading the extracellular matrix and activating both growth factors and angiogenesis (Jiang,
Olson et al. 2004, Olson, Aguilera et al. 2009). Several studies have also shown a correlation
between MMP overexpression and poor clinical outcome in several types of cancers including
breast, colon, gastric, non-small cell lung cancer, esophageal, and small cell lung cancer

42

(Hofmann, Hansen et al. 2005, Gong, Chippada-Venkata et al. 2014). As a result, the expression
of specific MMPs serves as both a prognostic indicator of clinical outcome and a marker of tumor
progression in a wide range of tumors.
In 2004, Jiang et al. developed novel cancer targeting CPPs that exploited the
overexpression of MMPs present in the tumor extracellular environment. These so-called
activatable cell-penetrating peptides (ACPPs) were a ground-breaking advance to improve CPP
specificity (Jiang, Olson et al. 2004). ACPPs are composed of a polycationic CPP covalently
attached to a neutralizing polyanionic domain via a cleavable peptide linker, thereby adopting a
hairpin conformation (Kristensen, Birch et al. 2016). This particular conformation and ionic
interactions between the CPP and inhibitory anionic counterpart mask the cell-penetrating
functionality of the CPP by reducing the overall charge to nearly zero, which in turn minimizes
adsorption and uptake into cells unless the linker is cleaved (van Duijnhoven, Robillard et al.
2011). Furthermore, the peptide linker was created to be specific to MMP-2 and MMP-9 in order
to target a wide range of tumor cell lines (Jiang, Olson et al. 2004). Upon exposure to cancer cells,
their membrane-bound and secreted MMPs can cleave the linker, dissociating the inhibitory
peptide and activating the CPP; the released CPP along with its cargo would then bind to and enter
tumor cells (van Duijnhoven, Robillard et al. 2011).
Shi et al. highlighted the therapeutic potential of this targeting method when they designed
an ACPP that was covalently attached to the antitumor drug, Dox (ACPP-Dox); their findings
revealed that incubating fibrosarcoma cells with ACPP alone resulted in reduced toxicity, whereas
ACPP-Dox effectively inhibited fibrosarcoma cell proliferation (Shi, Gao et al. 2012). The uptake
of ACPP-Dox was also observed to be higher in fibrosarcoma cells, which overexpress MMPs,
than in breast cancer cells, which under-express MMPs. Moreover, Aguilera et al. demonstrated
that in addition to improved specificity, ACPPs are less toxic in comparison to CPPs suggesting
that ACPPs are better therapeutic agents in vivo than CPPs (Aguilera, Olson et al. 2009).
Specifically, administering a CPP caused severe toxicity in mice at a dose 4 times lower than the
MMP-cleavable ACPP (Aguilera, Olson et al. 2009). This tumor targeting strategy, as a result,
could provide an indirect, but more specific delivery system in vivo.
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Several features, however, have restricted the use of ACPPs in cancer therapy, which
include endosomal entrapment and significant off-target uptake by other tissues in vivo (Jiang,
Olson et al. 2004). Moreover, one study showed that MMP targeting is not very efficient as it is
most likely caused by cleavage in the vascular compartment as opposed to tumor-specific cleavage
(van Duijnhoven, Robillard et al. 2011). As a result, ACPPs have been primarily developed as
molecular imaging probes for visualizing enzymatic reactions or to differentiate between tumor
and healthy tissues (van Duijnhoven, Robillard et al. 2011). Nguyen et al. showed using mice
models that both fluorescently labelled free ACPPs and ACPPs conjugated to dendrimers
(ACPPDs) could improve the accuracy when surgically removing tumors (Nguyen, Olson et al.
2010); removal of tumors from mice identified with fluorescent ACPPs or ACPPDs revealed a
reduced amount of residual cancer cells and increased tumor-free survival in comparison to tumors
that were removed with traditional bright-field illumination. It was also reported that although
antibodies are suitable for fluorescence-guided surgeries, their use is fairly limited as they can only
be applied to certain types of tumors that express specific markers. Each epitope can also only bind
one antibody at a time resulting in a weak amplification signal (Nguyen, Olson et al. 2010). For in
vivo imaging of tumors, on the other hand, ACPPs seem to be better agents as they are smaller in
size, which makes them more efficient in penetrating beyond blood vessels and deep into solid
tumors. Each active MMP can also cleave many substrate ACPPs, offering a stronger amplification
signal (Olson, Aguilera et al. 2009).
1.5.4 Cancer cell’s metabolic activity
An alternative approach for improving CPP specificity would entail taking advantage of the
internal biological state of targeted cells (Kalmouni, Al-Hosani et al. 2019). Such a strategy was
achieved by Vocero-Akbani et al. in which they reported killing HIV-infected cells by exploiting
their HIV protease activity (Vocero-Akbani, Vander Heyden et al. 1999). Specifically, a
chimerical CPP construct was designed in which the TAT peptide was attached to a caspase-3
protein precursor, an inducer of apoptosis. Their findings showed that despite this chimerical
construct entering both infected and uninfected cells, procaspase-3 induced apoptosis only in HIVinfected cells (Vocero-Akbani, Vander Heyden et al. 1999). This was due to the construct being
processed into its active form only when cleaved by the HIV protease that is exclusively present
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in HIV-infected cells. Uninfected cells, on the other hand, did not undergo apoptosis as the
chimerical construct remained in an inactive form (Vocero-Akbani, Vander Heyden et al. 1999).
Many diseases, such as cancer and autoimmune disorders are also characterized by
abnormal enzymatic activity, which can be exploited in order to design an ‘active targeting
strategy’, that is able to differentiate between healthy and cancer tissues (Anderson, Cui et al.
2017). Specifically, Mathupala et al. revealed that in addition to an overexpression of MMPs,
highly aggressive cancer cells often display an overexpression and increased activity of the
mitochondria-bound type II hexokinase (HKII), which facilitates tumor initiation and promotes
metastasis (Mathupala, Ko et al. 2006). The elevated levels of HKII allow cancer cells to maintain
elevated glycolytic rates (up to 200 times higher than in normal tissue) as their primary energygenerating pathway, even under aerobic conditions (the so-called “Warburg effect”). In cancer
cells, the majority of HKII (up to 70%) binds to the outer mitochondrial membrane (OMM)
through the pore-like voltage-dependent anion channel (VDAC), which is a major channel for
facilitating the transport of ions and metabolites (Arzoine, Zilberberg et al. 2009). HKII interacts
with VDAC via the N-terminal 15-amino acid domain of HKII, which allows the enzyme to have
increased affinity for ATP and directly access mitochondria-generated ATP in order to catalyze
the first committed step of glycolysis; this involves the ATP-dependent phosphorylation of glucose
to glucose-6 phosphate, a vital metabolic intermediate precursor that is not only necessary for
glycolysis, but also for generating biomolecules (nucleic acids, lipids and proteins) that are
necessary for growth and proliferation (Woldetsadik, Vogel et al. 2017). Moreover, binding of
HKII to VDAC has shown to protect cancer cells against mitochondria-mediated apoptosis by
maintaining the integrity of the outer mitochondrial membrane, preventing binding of proapoptotic
members of the Bcl-2 protein family (Bax and Bak) to OMM, and inhibiting the release of
cytochrome c (a key apoptogenic molecule) from the intermembrane space to the cytosol, which
plays a role in activating caspases (Woldetsadik, Vogel et al. 2017). For this reason, many in vitro
and in vivo studies are currently developing novel strategies that target this enzyme for cancer
therapy; these include silencing HKII’s transcript or deleting the enzyme altogether, and disrupting
the HKII-VDAC interaction by using compounds, such as 3-bromopyruvate, clotrimazole, or
methyl jasmonate (Mathupala, Ko et al. 2006, Woldetsadik, Vogel et al. 2017). However, a major
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limitation of these compounds is their apparent non-specific, HKII-independent, cytotoxicity
(Chiara, Castellaro et al. 2008, Petricciuolo, Davidescu et al. 2020).
Woldetsadik et al. designed a CTP composed of pHK, a peptide that corresponds to the
mitochondrial membrane-binding N-terminal 15-amino acids of HKII, covalently coupled to a
short penetrating-accelerating sequence (PAS; GKPILFF) (Woldetsadik, Vogel et al. 2017). Since
pHK is poorly cell permeable, the short PAS sequence was integrated into the CPP design as it has
been reported to enhance the cellular uptake and endosomal escape of CPPs (Takayama, Hirose et
al. 2012, Rezgui, Blumer et al. 2016). Interestingly, studies have reported using a variety of
cationic CPPs to enhance the peptide’s cellular uptake (e.g. TAT, pAntp or the TAT-derived polyarginine) (Takayama, Nakase et al. 2009, Takayama, Hirose et al. 2012). One of the limitations of
this strategy however, is that since these highly cationic CPPs are primarily internalized via
energy-dependent endocytosis, most of the CPP–pHK conjugate would become trapped in
endosomes, where the ultimate fate of the pHK is either exocytosis (via recycling endosomes) or
proteolytic degradation (in lysosomes) (Richard, Melikov et al. 2003). Interestingly, multi-walled
carbon nanotubes were also reported to deliver conjugated pHK intracellularly (Yoong, Lau et al.
2015). While potentially an effective drug delivery platform, carbon nanotubes currently have a
number of drawbacks, such as considerable intrinsic cytotoxicity, size heterogeneity, low purity,
and poor drug loading and retention (Alshehri, Ilyas et al. 2016, Sajid, Jamshaid et al. 2016).
However, Woldetsadik et al. demonstrated that pHK fused to PAS resulted in up to 7-fold greater
cellular uptake compared to pHK alone due to the utilization of both macropinocytosis and energyindependent mechanisms (Woldetsadik, Vogel et al. 2017). Once in the cytosol, pHK-PAS binds
to VDAC through its N-terminal 15-amino acid domain competitively dissociating the endogenous
full-length HKII. This interaction resulted in depolarizing the mitochondrial membrane potential,
inhibiting mitochondrial respiration and glycolysis, depleting intracellular ATP levels as well as
releasing cytochrome c, ultimately inducing apoptosis in cancer cells (Woldetsadik, Vogel et al.
2017). Significantly, pHK-PAS was considerably less toxic to non-cancerous cells, in which
displacement of HKII from mitochondria did not lead to apoptosis, indicating that the peptide
exhibited selective HKII-mediated cytotoxicity against cancer cells (Woldetsadik, Vogel et al.
2017).
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The potential of PAS-pHK for the delivery of therapeutics, including anticancer drugs was
further confirmed by another study (Palanikumar, Al-Hosani et al. 2020). Palanikumar et al.
showed that the CTP can effectively deliver a cell-impermeable cargo in the form of a synthetic
mimic of miR-126, which is a tumor suppressor miRNA downregulated in many malignancies
(Palanikumar, Al-Hosani et al. 2020). Following uptake by breast cancer MCF-7 cells, the CTP–
miRNA conjugate was distributed throughout the cytosol and a fraction of PAS-pHK–miR-126
was localized to mitochondria due to the presence of the PAS segment, which ultimately led to
apoptosis. In particular, PAS-pHK was able to bind to VDAC on the outer mitochondrial
membrane via the CTP’s pHK segment, which competitively displaced the endogenous full-length
HKII, resulting in the following downstream effects: (i) ΔΨm depolarization; (ii) inhibition of
cellular metabolic activities (oxidative phosphorylation and glycolysis); (iii) depletion of
intracellular ATP levels; (iv) release of cytochrome c; and finally (iv) apoptosis (Palanikumar, AlHosani et al. 2020). Concomitantly, the miR-126 cargo synergistically enhanced the anticancer
effects of PAS-pHK. Importantly, PAS-pHK–miR-126 was not toxic to noncancerous cells,
demonstrating the potential of PAS-pHK mediated delivery of miRNA mimics as a novel cancerselective therapeutic strategy (Palanikumar, Al-Hosani et al. 2020).
1.6. CTPs and nanocarriers
Due to the issues associated with NPs for drug delivery, which include an inability to cross the
blood-brain barrier, targeting inefficiency and poor cellular uptake (McErlean, McCrudden et al.
2015, Nakamura, Mochida et al. 2016), several studies have reported functionalizing nanocarriers
with CTPs in order to overcome the aforementioned hurdles (Qin, Ding et al. 2017). As a result,
the CTPs would facilitate specific localization and increased retention of the coupled NPs within
tumors, resulting in improved clinical outcomes (Kalmouni, Al-Hosani et al. 2019). Moreover,
many studies are focusing on designing multi-component drug delivery nanoplatforms in which
each component will have a precise function triggered at the right moment in order to provide a
more selective and efficient therapeutic delivery strategy (Zeng and Sun 2008).
Qin et al. proposed a ‘modularized concept’ for developing a peptide-based nanosystem in
which different components of nanoformulations were classified into different categories, known
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as modules, based on their functions (Qin, Ding et al. 2017). As a result, the desired modules and
encapsulated therapeutic molecules can be selected and integrated when designing a wellcontrolled nanosystem, thereby targeting the tumor with increased specificity, on-demand
response, enhanced cellular uptake, and improved tumor therapy. This ‘modularized concept’ was
also applied by Huang et al. when they designed a nanocarrier for gene delivery that exploited
both the peritumoral pH and overexpressed MMPs present within the tumor microenvironment
(Huang, Shao et al. 2013). These ‘dual-triggered’ ACPPs were composed of a pH-sensitive
polyanionic peptide, a linker that is cleaved upon exposure to MMPs, and a polycationic CPP. The
pH-responsive polyanionic peptide was used target the NPs to the solid tumors while inhibiting
the CPP. Within the acidic environment, the pH-sensitive peptide became uncharged or positively
charged allowing the overexpressed MMPs to cleave the linker and release the CPP, which in turn,
facilitated the internalization of the NPs into cancer cells (Huang, Shao et al. 2013).
Yoo et al. also reported an alternative multifunctional nanosystem, which exploited two
characteristics of tumors: the elevated levels of extracellular MMPs and intracellular reactive
oxygen species (ROS) (Yoo, Rejinold et al. 2017). A protease-activatable CPP was designed
containing a ROS-responsive methionine, a cell permeable lysine chain and an MMP-cleavable
linker connected to PEG chains. This CPP, denoted MLMP, was used to form a micellar NP that
encapsulated Dox within its core (Yoo, Rejinold et al. 2017). The reasoning was that upon
exposure to MMPs present in the extracellular matrix of cancer cells, the MMP-linker would be
cleaved, thereby releasing the PEG chains and exposing the poly-L-lysine chains (Yoo, Rejinold
et al. 2017). Due to the cell-penetrating propensity of the poly-L-lysine chains, the micellar
structure would then efficiently enter the cancer cells. Upon internalization, the high levels of ROS
in cancer cells would convert the hydrophobic thioether groups within the methionine chains to
hydrophilic sulfoxide groups, which would destroy the micellar MLMP structure and release the
encapsulated Dox intracellularly. In comparison to free Dox, MLMP (Dox) exhibited higher Dox
delivery efficacy and greater tumor inhibition efficiency, coupled with lower nonspecific toxicity
(Yoo, Rejinold et al. 2017).
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1.7. Assessing pH-responsive nanocarriers
Cellular uptake assays
With a wide range of nanocarriers being developed for the diagnosis and treatment of many
diseases, measuring their cellular uptake is key to assessing their use in potential biomedical
applications (Drasler, Vanhecke et al. 2017). Different biological and biophysical methods have
been utilized to study their uptake, which are classified into three approaches: electron microscopy
(EM) techniques, inductively coupled plasma mass spectrometry (ICP)-based techniques and
fluorescence-based techniques (Shin, Kwak et al. 2020). Amongst these various approaches,
transmission electron microscopy (TEM) and confocal imaging are the most widely used methods
to assess the cellular uptake of nanocarriers owing to their good spatial resolution (Yin, Tan et al.
2017). These methods, however, are labor intensive, require expensive instruments and are semiquantitative as they primarily provide information on the intracellular NP distribution. Moreover,
ICP-based techniques are able to be used for elemental analysis and have a very sensitive detection
range; however, they also suffer from a number of limitations, including being destructive and
only applicable to metal particles (Shin, Kwak et al. 2020).
An alternative approach is to fluorescently or radioactively label the nanocarriers or CPPs
coupled to the NPs (Puri, Adesina et al. 2018). The fluorescence signal can either be from an
intrinsic property of the nanocarriers (e.g., semiconductor nanocrystals and titanium dioxide NPs)
or due to a fluorescent dye attached to a component of the nanocarrier. For example, rhodamine123 is a lipophilic fluorescence probe that has often been used to study the cellular uptake of NPs
(Puri, Adesina et al. 2018). Additionally, drugs that have an intrinsic fluorescence property, such
as Dox, can be used to measure the cellular uptake of nanocarriers encapsulating this payload.
These nanocarriers can then be readily detected and quantified by fluorimetry, flow cytometry or
fluorescence imaging techniques (Drasler, Vanhecke et al. 2017). The radioactive tracer of
radioactively labeled nanocarriers can also be quantified by γ-spectrometry or scintillation counter
and imaging techniques, such as autoradiography and emission-computed tomography (ECT) can
depict the distribution of the radioactive tracer within the sample (Yin, Tan et al. 2017). However,
quantification using fluorescent-based methods can provide inaccurate results due to
photobleaching or quenching of the fluorescent signal (Drasler, Vanhecke et al. 2017). The data is
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also considered to be semi-quantitative since these techniques do not provide any information on
mass or NP number. As a result, since every technique has certain limitations, different methods
are usually carried out together in order to provide complementary outcomes (Drasler, Vanhecke
et al. 2017).
Cytotoxicity assays
Various cell viability assays have been employed to assess the toxicity of the chemotherapeutic
cargo and NPs encapsulating a drug. Many of these assays are typically carried out over 24 to 48
hours and use one or two specific cell types. One of the most commonly used assays for measuring
cytotoxicity or cell viability following NP exposure is the colorimetric 3-(4,5-dimethylthiazol-2yl)-2–5-diphenyltetrazolium bromide (MTT) assay, which is based on assessing the activity of
mitochondrial enzymes, such as succinate dehydrogenase (Aslantürk 2018). In this assay, purple
formazan crystals are formed that are then solubilized by adding an organic solvent, such as
dimethyl sulfoxide or isopropanol (Aslantürk 2018). Another colorimetric assay that is derived
from the MTT assay is the 5-(3-carboxymethoxyphenyl)-2-(4,5-dimethyl-thiazoly)-3-(4sulfophenyl) tetrazolium (MTS) assay and is also based on metabolic activity (Aslantürk 2018). In
particular, this assay measures the ability of living (metabolically active) cells to reduce the
tetrazolium compound MTS into a soluble, colored formazan by mitochondrial reductases, which
is quantified spectrophotometrically (Love, Maurer-Jones et al. 2012). Additionally, CellTiterBlue assay, also known as resazurin reduction assay, has been extensively utilized to measure cell
viability; it is based on converting the blue, non-fluorescent dye resazurin to the pink, fluorescent
product resorufin, by living cells (Love, Maurer-Jones et al. 2012). The colorimetric, LDH (lactate
dehydrogenase) assay has also been utilized for assessing cellular cytotoxicity as it measures the
release of LDH into the cell culture medium upon cell death due to damage of the plasma
membrane (Aslantürk 2018).
To determine whether the cytotoxicity occurs via apoptosis or necrosis, intracellular
molecules can be stained with fluorescent probes, such as propidium iodide (PI) and Alexa 488conjugated annexin V (Ibuki and Toyooka 2012). Red fluorescent PI is an impermeable dye that
intercalates into the major groove of DNA only when the integrity of the plasma membrane is lost
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and thus, can mark the late stage of apoptosis or necrosis (Ibuki and Toyooka 2012). On the other
hand, Alexa 488-conjugated annexin V is used a sensitive probe for detecting exposed
phosphatidylserine (PS) in apoptotic cells (Kumar, Sharma et al. 2017).
1.8. Objectives of the present study
This PhD project proposes that specific tumor cell targeting and internalization into cancer cells
under acidic conditions can be achieved by functionalizing NPs with the ATRAM peptide.

Hence, the aims of the present study were:

1) To synthesize and characterize organic and inorganic NPs functionalized with ATRAM.

2) To determine the drug release profiles of the designed NPs in the presence and absence of a
stimulus.

3) To investigate whether the designed NPs coupled to ATRAM show highly efficient pHdependent cellular uptake.

4) To carry out in vitro cell viability studies in order to assess whether the designed NPs exhibit
potent anticancer activity while exhibiting no toxicity to healthy cells.
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Chapter II. pH-responsive high stability polymeric nanoparticles for
targeted delivery of anticancer therapeutics
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2.1. Introduction
In order to address the aforementioned issues associated with conventional chemotherapeutics and
nanocarriers, studies have reported that NPs can be conjugated to CTPs that exploit the unique
characteristics of the tumor microenvironment or cancer cells, thereby improving cancer cell
specificity (Das, Bharadwaj et al. 2020). Interestingly, the use of a target-specific delivery
combined with a stimuli-responsive nanocarrier system can result in the enhanced tumor
accumulation and reduced off-target side-effects (Torchilin and Biopharmaceutics 2009). Indeed,
it has been demonstrated that polymeric nanocarriers could be designed as stimuli-responsive
systems in order to deliver and release the drug at target sites (Das, Bharadwaj et al. 2020). Among
the various endogenous (pH, enzymes, temperature, redox values, hypoxia, glucose levels) or
exogenous (light, magnetism, ultrasound, electrical pulses) stimuli present, pH-responsiveness is
the most frequently investigated since there is a significant difference in pH values between solid
tumors and healthy tissues (Cabral, Miyata et al. 2018); the extracellular environment of a tumor
(pH 6.5) is significantly more acidic than normal tissues (pH 7.4) (Das, Bharadwaj et al. 2020).
pH-responsive NPs can also be designed to destabilize the endosomal/lysosomal membrane,
following endocytic uptake into cancer cells, since the pH value in early endosomes and late
endosomes/lysosomes is approximately 6.0–5.5 and 5.0–4.5, respectively, thereby allowing escape
of the cargo into the cytosol (Cabral, Miyata et al. 2018).
To date, although numerous pH-sensitive polymeric micellar systems for loading and
releasing anticancer drugs in vitro and in vivo have been reported, these systems fail to yield the
expected enhancement in therapeutic outcome relative to free drugs as they are unable to achieve
efficient release of the entrapped drug at tumor sites or provide long-term drug entrapment stability
in serum-rich biological environments (Nel, Mädler et al. 2009). Thus, there is an urgent need to
develop pH-responsive NP drug delivery systems that can overcome these issues and
simultaneously respond to both extracellular and endosomal/lysosomal pH to enhance cellular
uptake and achieve precise intracellular drug release. Therefore, the aim of this chapter was to
design biocompatible and biodegradable hybrid NPs that would exhibit highly efficient pHdependent cellular uptake, release the cargo upon exposure to the acidic microenvironment of
endocytic compartments, and show potent anticancer activity while exhibiting no toxicity to
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healthy tissue. These NPs contained a hydrophobic core composed of polylactic-co-glycolic acid
(PLGA) loaded with a chemotherapeutic agent. The core was then coated with a crosslinked bovine
serum albumin (BSA) shell in order to minimize opsonization and interaction with macrophages
that inhibit target recognition. A Dox derivative in which Dox was chemically conjugated to a
mitochondria-specific lipophilic cationic agent, was selected as the anticancer agent owing to its
high therapeutic index and potency against a wide spectrum of tumors (Dartier, Lemaitre et al.
2017). Moreover, the shell was functionalized with the pH-responsive ATRAM peptide, a CTP
that was designed to exploit the peritumoral environment, in order to facilitate internalization
specifically into cancer cells (Nguyen, Alves et al. 2015). The targeting capability and potent
anticancer activity of the NPs was initially investigated by cellular uptake and cytotoxicity assays
in vitro. This was followed by assessing the pharmacokinetics and biodistribution of the NPs as
well their antitumor efficacy in vivo.
2.2. Experimental procedures
2.2.1 Materials
Acetone,

ammonium

bicarbonate,

BSA, N,N’′-dicyclohexylcarbodiimide, N,N-

dimethylformamide (DMF), 1,4-dithiothreitol (DTT), doxorubicin hydrochloride (Dox), 1-ethyl3-(3-dimethylaminopropyl)carbodiimide hydrochloride (EDC), endocytosis inhibitors (amiloride,
chlorpromazine, cytochalasin D and filipin), N-(2-hydroxyethyl) piperzine-N’′-(2-ethanesulfonic
acid) (HEPES), glutaraldehyde (GA), Hematoxylin and eosin (H&E), lipopolysaccharide (LPS),
2-(N-morpholino)ethanesulfonic

acid

(MES), N-hydroxysuccinimide

(NHS),

PTX,

phosphotungstic acid, phosphate buffered saline (PBS), phorbol 12-myristate 13-acetate, PLGA,
polyvinyl alcohol (PVA; MW = 30,000–70,000), Resomer RG 502 (lactide:glycolide
50:50; Mw = 7000–17,000), sodium

acetate

buffer,

indole-3-acetic

acid

(IAA),

2,4,6-

trinitrobenzenesulfonic acid solution (TNBS), (3-carboxypropyl) triphenylphosphonium bromide
(TPP) and trimethylamine were all purchased from Sigma (St. Louis, MO). Dead Cell Apoptosis
kit, enzyme-linked immunosorbent assay (ELISA) kits (for detection of tumor necrosis factoralpha (TNF-α) and interleukin-1 beta (IL-1β)), MitoTracker Green FM, N,N’′-dimethyl-N(iodoacetyl)-N’′′-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)ethylenediamine (NBD), Pierce BCA Protein
Assay kit, Pierce Trypsin/Lys-C Protease Mix and rhodamine B were obtained from Thermo
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Fisher (Waltham, MA). CellTiter 96 AQueous One Solution (MTS) Cell Proliferation Assay kit
were from Promega (Madison, WI).

2.2.2 Synthesis of Dox-TPP
Dox-TPP was synthesized using published procedures (Han, Vakili et al. 2014). Briefly, 45 mg
(0.10 mmol) TPP was added to 10 mL anhydrous DMF in a round-bottom flask, and the mixture
was stirred until TPP dissolved completely. To this 25 mg (0.012 mmol) DCC and 14 mg
(0.12 mmol) NHS were added and stirred for 4 h at room temperature. The mixture was then
centrifuged to remove dicyclohexylurea and the supernatant was collected. Next, 60 mg
(0.10 mmol) Dox was dissolved in 15 mL anhydrous DMF, and 15 μL (0.11 mmol) triethylamine
(0.11 mmol) was added dropwise to the Dox solution while stirring. The supernatant of activated
TPP was then added dropwise to the Dox solution and stirred overnight in the dark. The reaction
mixture was precipitated with cold ether and centrifuged to obtain the crude product, which was
dissolved in chloroform and extracted with deionized water to remove impurities from the
chloroform solution in a separating funnel. Finally, the organic phase was dried and the product
was purified completely using high performance liquid chromatography (HPLC). The Dox-TPP
product was characterized using mass spectrometry (Agilent 6538 QToF LC/M) and zeta potential
measurements (Malvern Zetasizer Nano ZS).

2.2.3 Synthesis and characterization of BSA-PLGA and ATRAM-BSA-PLGA NPs
Dox-TPP loaded PLGA NPs were prepared by a simultaneous emulsion solvent diffusion method
(Kocbek, Obermajer et al. 2007). Briefly, a Dox-TPP/Resomer solution was prepared by mixing
10 mg Resomer with 200 µg Dox-TPP in 1 mL acetone. The Dox-TPP/Resomer solution was
added dropwise to a 0.5% PVA solution in water and stirred at 1000 rpm (Phoenix Magnetic Stirrer
RSM-01) at room temperature. The resulting solution was then transferred to 100 mL DI water
and stirred overnight for the dissipation/removal of the organic phase and hardening of the Doxloaded PLGA NPs. Thereafter, the NPs were centrifuged at 15,000 rpm (Eppendorf, Centrifuge
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5430 R), washed thrice and finally redispersed in 2.5 mL MES buffer (0.11 M, pH 5.8) by bath
sonication to get a clear dispersion.

For the shell of the NPs, BSA was chosen as an economical alternative to HSA. BSA was
separately conjugated to the surface of Dox-TPP loaded PLGA NPs by a two-simple step process,
which involves activating carboxyl groups on the NP surface using an EDC/NHS mixture,
followed by covalently coupling the activated carboxyl groups to the amino groups of BSA
(Tonigold, Simon et al. 2018). One milliliter of activating solution (0.1 M EDC and 0.07 M NHS
in MES buffer, pH 5.8) was added to the NP dispersion (2.5 mL) and the mixture was incubated
for 30 min under continuous stirring. To this mixture, 5 mL PBS (pH 7.4) was added to terminate
the activation reaction, and the reactants (EDC/NHS) were removed by dialysis. The NP dispersion
was concentrated to 1 mg mL−1 by microcentrifuge dialysis and then incubated with 0.5 mL BSA
solution (1 mg mL−1 in PBS) for 12 h in the dark under continuous stirring. Finally, unbound BSA
was removed by dialysis and excess coupling sites were blocked by incubating the NP dispersion
with 0.5 mL glycine solution (10 mg mL−1 in PBS) for 30 min, after which excess glycine was
removed by dialysis. The concentration of BSA conjugated to PLGA NPs was determined using
the bicinchoninic acid (BCA) protein assay (Smith, Krohn et al. 1985).

BSA on the surface of the NPs was crosslinked with bifunctional compound GA
(Nakamura, Kiyohara et al. 1998) for 30 min, creating a structure that is more stable than that
attained by physical aggregation of BSA. The reaction is simple and does not require metalcatalysts, addition of salts, organic solvents, or non-ionic polymers that may cause toxicity
(Palanikumar, Choi et al. 2015). Excess and unreacted GA was removed by dialyzing three times
against phosphate buffer. The extent of crosslinking density was analyzed using the TNBS assay
(Silva, Sousa et al. 2004), in which the free primary amine groups of proteins—in this case,
crosslinked BSA on the NP surface—react with the sodium salt of TNBS. BSA was used as a
standard. Crosslinked BSA-PLGA NP samples and BSA standards were diluted in 0.1 M borate
buffer containing 0.15 M NaCl (pH 8.1). Fifty microliters of aqueous TNBS solution (30 mM) was
then added dropwise to 2 mL sample mixtures (50 µg mL−1) and stirred for 30 min at room
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temperature. Finally, the optical density/absorbance of the TNBS reaction product was measured
at 420 nm (Synergy H1MF Multi-Mode Microplate-Reader; BioTek, Winooski, VT), with borate
buffer as a reagent blank. The degree of crosslinking of the BSA-PLGA NPs, in terms of modified
lysine residues, was calculated using the following formula:

Modified fraction/crosslinking density(%)=(A−B/A)×100,
where A and B are the slopes of the curves for the BSA standard and crosslinked BSA-PLGA NPs,
respectively, as determined from the absorbance at 420 nm in the linear regime.

The synthesized crosslinked BSA-PLGA NPs were characterized using transmission
electron microscopy (TEM) and scanning transmission electron microscopy (STEM) (FEI Talos
F200X Transmission Electron Microscope) with the help of L. Palanikumar. The beam energy was
regulated so as to minimize damage to the samples while imaging in TEM and STEM modes. TEM
images were acquired using a 200 kV beam with spot size 5, gun lens 6 and a dose of 1.13–
1.16 A/m2. STEM images were acquired in HAADF (high-angle annular dark-field) mode with
spot size 9, gun lens 4 and a screen current of less than 0.2 nA. This mode was helpful for clear
depiction of the core-shell structure of the BSA-PLGA NPs, as all of the inelastically scattered
beam was collected for the image formation. Further characterization of the NPs was done using
dynamic light scattering (DLS) and zeta potential measurements.

The Dox-TPP loading capacity of the crosslinked BSA-PLGA NPs was determined using the
following formula:
Loading capacity(%)=(M0−Ms)/W0×100,

where M0 and Ms represent the initial mass of Dox-TPP mass and mass of Dox-TPP loaded in the
NPs, respectively.
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The ATRAM peptide (Nt-GLAGLAGLLGLEGLLGLPLGLLEGLWLGLELEGN-Ct) was
synthesized by Selleck Chemicals (Houston, TX) using standard Fmoc methods. The peptide was
purified in house by reverse-phase HPLC (Waters 2535 QGM HPLC), and purity was
subsequently verified using mass spectrometry (Agilent 6538 QToF LC/MS). ATRAM was
covalently coupled to the surface of the BSA-PLGA NPs using a simple carbodiimide (EDC)
coupling reaction (He, Kyaw et al. 2018). Briefly, 5 mg BSA-PLGA was dissolved in 5 mL
phosphate buffer (50 mM) containing EDC (at a molar ratio of 2:1 to BSA in the NPs) at pH 5.5
and stirred for 5 min at 4 °C to activate the carboxyl groups on the BSA, and unreacted EDC was
removed by dialysis. One milligram of ATRAM was dissolved in 50 mM phosphate buffer and
added to the carboxyl activated BSA-PLGA NPs, and the mixture was continuously stirred for 6 h
at 4 °C in order to covalently couple the peptide to BSA. Unconjugated peptide was removed by
dialysis, and peptide conjugation was confirmed by release of the urea byproduct at 232 nm
(Cammarata, Hughes et al. 2015).

2.2.4 Quantitative proteomic analysis
A quantitative proteomic analysis was carried out by L. Palanikumar in order to investigate the
interaction of serum proteins with PLGA and BSA-PLGA NPs (Palanikumar, Al-Hosani et al.
2020). NPs (1 mg mL−1) were incubated in 10 mM phosphate buffer or cell culture medium
containing 10% FBS for 72 h. Thereafter, the serum proteins that adsorbed to the NPs were isolated
by centrifugation following published methods (Ali, Flowers et al. 2014, Oh, Kim et al. 2018).
Finally, the isolated serum proteins were de-N-glycosylated and analyzed by mass spectrometry
(MS) (Ali, Flowers et al. 2014, Oh, Kim et al. 2018). BSA (1 mg mL−1 in PBS) and FBS (10% in
cell culture medium) were used as controls.
To prepare the digests, isolated serum proteins (∼100 µg) were reduced (10 mM DTT,
85 °C, 30 min), and alkylated (25 mM IAA, 1 h, RT in the dark). Protease specific pH was achieved
by diluting the sample with 50 mM ammonium bicarbonate buffer using a spin filter with a 30kDa cutoff and digested with 1:50 (w/w) MS-grade trypsin/Lys-C protease mix for 24 h at 37 °C.
The peptide digests were offline enriched using reverse-phase liquid chromatography, dried and
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re-substituted in 20 µL of a 2% acetonitrile/0.1% formic acid solution prior to online reverse-phase
LC-MS/MS.

For LC-MS/MS analysis, the LC was done on an UltiMate 3000 RSLCnano System
(Dionex) fitted with a C18 column (inner diameter = 75 µm, length = 50 cm; PepMap RSLC).
Mobile phases were 0.1% formic acid (solvent A) and 80% acetonitrile/0.08% formic acid (solvent
B). Samples were loaded in solvent A and eluted as follows: 10% B for 5 min, gradient to 55% B
over 40 min then to 85% B over 5 min, 85% B for 6 min, followed by 14 min re-equilibration with
2% B. The LC system was coupled to a QTOF Impact II mass spectrometer (Bruker) equipped
with an Easy Spray ion source and operated in positive ion mode. The spray voltage was set to
1.5 kV, with 3.0 L min−1 dry gas and 165 °C dry temperature, and the full scans were acquired in
a TOF MS mass analyzer over m/z 200–2200 at a spectral rate of 2.0 Hz. The auto MS/MS analyses
with a fixed precursor cycle time of 3 s were performed using collision induced dissociation (CID).
The precursor was released after 0.3 min. The raw files, converted to mgf format by the
DataAnalysis software (Bruker Daltonik), were searched against reported proteomes using the
ProteinScape software with an in-house Mascot search engine (Matrix Science Inc., Boston, MA).
The search parameters were set as follows: peptide tolerance, 20 ppm; MS/MS tolerance, 0.5 Da;
enzyme, trypsin; 2 missed cleavage allowed; and fixed carbamidomethyl modifications of
cysteine. Oxidation of methionine and protein N-terminal acetylation were used as variable
modifications. Label-free protein quantification was then done using the MaxQuant software
(version 1.6.5.0) with default parameters.

2.2.5 Drug release profile of BSA-PLGA NPs
The drug release kinetics of the NPs were measured using a PerkinElmer LS-55 Fluorescence
Spectrometer. Cargo (Dox-TPP or rhodamine B) release from the NPs, in the absence or presence
of a stimulus—e.g., pH or glutathione (GSH)—was monitored using the dialysis method (Huang,
Lang et al. 2018). Briefly, 1 mL of 200 μg mL−1 Dox-TPP loaded NPs (PLGA, non-crosslinked
BSA-PLGA or crosslinked BSA-PLGA) was placed in a dialysis bag (molecular-weight cutoff:
3 kDa), with or without GSH (0.5 or 10 mM), and fully submerged into 25 mL of release
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medium—10 mM phosphate buffer (pH 7.4 or 6.5) or 10 mM acetate buffer (pH 5.8, 5.0 or 4.0)—
followed by stirring at 100 rpm (Phoenix Magnetic Stirrer RSM-01). At the designated time points,
1 mL of the release medium was removed for analysis, and replenished with the same volume of
fresh buffer. Dox-TPP fluorescence in the release sample was measured (λex/em = 480/580 nm) and
the amount of Dox-TPP released was determined using a standard calibration curve.

2.2.6 Cell culture
All cell lines were purchased from American Type Culture Collection (ATCC). Prior to use, the
cells were authenticated and tested for mycoplasma contamination by Charles River Laboratories
(Margate, United Kingdom). Human breast cancer MCF-7 cells (ATCC no. HTB-22), human
cervical HeLa cells (ATCC no. CCL-2), human pancreatic carcinoma MIA PaCa-2 cells (ATCC
no. CRL-1420) and mouse neuroblastoma Neuro-2a cells (ATCC no. CCL-131) were cultured in
DMEM (Sigma) supplemented with 10% FBS (GE Healthcare Life Sciences, Logan, UT), 4 mM
L-glutamine, 1 mM sodium pyruvate, 50 units mL-1 penicillin and 50 µg mL-1 streptomycin (all
from Sigma), in 5% CO2 at 37 °C. Mouse breast cancer 4T1 cells (ATCC no. CRL-2539) were
cultured in RPMI 1640 (Sigma) supplemented with 10% FBS, 4 mM L-glutamine, 1 mM sodium
pyruvate, 50 units mL-1 penicillin and 50 µg mL-1 streptomycin, in 5% CO2 at 37 °C. Human
monocytic leukemia THP-1 cells (ATCC no. TIB-202) were cultured in RPMI 1640 supplemented
with 10% FBS, 10 mM HEPES, 4 mM L-glutamine, 1 mM sodium pyruvate, 0.05 mM 2mercaptoethanol (Sigma), 50 units mL-1 penicillin and 50 µg mL-1 streptomycin, in 5% CO2 at
37 °C. THP-1 cells were differentiated into a macrophage-like phenotype by incubating them with
10 ng mL−1 PMA in complete medium for 72 h in 5% CO2 at 37 °C.

2.2.7 Intracellular imaging and colocalization
Intracellular imaging was done according to a previously published protocol (Woldetsadik, Vogel
et al. 2017). Briefly, cells (MCF-7, HeLa or differentiated THP-1) were seeded at a density of
2 × 105 cells/well in 500 μL complete medium in 4-chambered 35 mm glass bottom Cellview cell
culture dishes (Greiner Bio-One, Monroe, NC). After culturing for 24 h, the medium was replaced
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with fresh medium (pH 7.4 or 6.5) containing 2.5 µg mL−1 Dox-TPP loaded PLGA, BSA-PLGA
or ATRAM-BSA-PLGA NPs and incubated for 1–4 h. For some experiments, MCF-7 cells were
pre-incubated for 1 h at 4 °C in serum-free DMEM, pre-treated for 1 h at 37 °C with 10 mM sodium
azide and 6 mM 2-deoxy-D-glucose in serum- and glucose-free DMEM, or pretreated for 30 min
at 37 °C with the following drugs in serum-free DMEM: 10 µM chlorpromazine; 5 mM methyl-βcyclodextrin; 5 µM filipin; or 5 µM amiloride. After addition of the NPs, the cells were maintained
for 1 h at 4 °C or in presence of inhibitors at 37 °C. Thirty minutes prior to imaging, the medium
was replaced with fresh medium containing 50 nM MitoTracker Green or vehicle. Finally,
immediately prior to imaging, the medium was once again replaced with fresh medium to remove
any extracellular trackers. Imaging was done on an Olympus Fluoview FV-1000 confocal laser
scanning microscope, using a 63× Plan-Apo/1.3 NA oil immersion objective with differential
interference contrast (DIC) capability. Image processing was done using the Fiji image processing
software (Schindelin, Arganda-Carreras et al. 2012).

2.2.8 Quantification of cellular uptake
Cellular uptake of Dox-TPP loaded ATRAM-BSA-PLGA NPs at pH 7.4 or 6.5 was measured
using a previously published flow cytometry assay (Woldetsadik, Vogel et al. 2017). Briefly, cells
(MCF-7 or differentiated THP-1) were seeded at a density of 2 × 104 cells/well in 500 μL complete
medium in 24-well plates. After culturing for 24 h, the cells were washed with PBS at 37 °C and
the medium was replaced with fresh medium (pH 7.4 or 6.5) containing 2.5 μg mL−1 Dox-TPP
loaded PLGA, BSA-PLGA or ATRAM-BSA-PLGA NPs and incubated for 1–4 h at 37 °C.
Subsequently, the cells were washed three times with ice-cold PBS to remove the extracellular
NPs, and then treated with trypsin-EDTA for 5 min to detach the cells and remove cell surfacebound peptide. Finally, the cells were centrifuged (1000 × g for 5 min at 4 °C) and re-suspended
in 500 µL ice-cold PBS with 10% FBS. Data collection (10,000 cells/sample, gated on live cells
by forward/side scatter and propidium iodide (PI) exclusion, λex/em = 535/617 nm) was done
immediately afterwards on a BD FACSAria III cell sorter (BD Biosciences, San Jose, CA), and
analysis was performed using the BD FACSDiva software.
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To elucidate the cellular internalization pathways of Dox-TPP loaded ATRAM-BSAPLGA NPs, MCF-7 cells were pre-incubated for 1 h at 4 °C in serum-free DMEM, or pretreated
for 1 h at 37 °C with 10 mM sodium azide/6 mM 2-deoxy-D-glucose in serum- and glucose-free
DMEM, or pretreated for 30 min at 37 °C with the endocytosis inhibitors. After addition of
2.5 µg mL−1 Dox-TPP loaded ATRAM-BSA-PLGA NPs, the cells were maintained for 1 h at 4 °C
or in the presence of inhibitors at 37 °C. Thereafter, the cells were washed three times with icecold PBS, trypsinized, centrifuged and re-suspended in 500 µL ice-cold PBS with 10% FBS, and
fluorescence was measured by flow cytometry. Cells treated with NPs without inhibitors at 37 °C
were used as control, and cells treated with vehicle alone served as background. The uptake
efficiency was determined from the ratio of Dox-TPP fluorescence of cells treated with NPs under
different inhibition conditions to the control cells.

2.2.9 Cell viability/toxicity assays
Cell viability/toxicity was measured using two complementary assays as previously published
(Woldetsadik, Vogel et al. 2017): (i) CellTiter 96 AQueous One Solution (MTS) assay, which
measures reduction of the tetrazolium compound MTS (3-(4,5-dimethylthiazol-2-yl)-5-(3carboxymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium, inner salt) to soluble formazan, by
dehydrogenase enzymes, in living cells; (Barltrop, Owen et al. 1991, Berridge, Tan et al. 1993) (ii)
Dead Cell Apoptosis assay, in which Alexa 488-conjugated annexin V is used as a sensitive probe
for detecting exposed phosphatidylserine in apoptotic cells (Koopman, Reutelingsperger et al.
1994), and red-fluorescent PI, a membrane impermeant nucleic acid binding dye, assesses plasma
membrane integrity and distinguishes between apoptosis and necrosis (Elmore 2007).
Cells were seeded at a density of 2 × 104 cells/well in 100 μL complete medium in standard
96-well plates. After culturing for 24 h, the medium was replaced with fresh medium (pH 7.4 or
6.5) containing 2.5–75 µg mL−1 drug-free NPs, or NPs loaded with 0.05–2 µg mL−1 Dox-TPP and
incubated for 48 h at 37 °C. Thereafter, the medium was replaced with fresh medium, and 20 µL
MTS reagent was added to each well. The MTS reagent was incubated for 4 h at 37 °C, and
absorbance of the soluble formazan product (λ = 490 nm) of MTS reduction was measured on a
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BioTek Synergy H1MF Multi-Mode Microplate-Reader, with a reference wavelength of 650 nm
to subtract background. Wells treated with peptide-free carrier were used as control, and wells with
medium alone served as a blank. MTS reduction was determined from the ratio of the absorbance
of the treated wells to the control wells.

For the Dead Cell Apoptosis assay, MCF-7 cells were treated with ATRAM-BSA-PLGA
NPs (loaded with 1 µg mL−1 Dox-TPP) for 12 h at pH 6.5. Subsequently, the cells were washed
with ice-cold PBS, harvested by trypsinization, centrifuged and re-suspended in 1× annexin
binding buffer (10 mM HEPES, 140 mM NaCl, 2.5 mM CaCl2, pH 7.4) to a density of
~1 × 106 cells per mL. The cells were then stained with 5 µL Alexa 488-conjugated annexin V and
1 µg mL-1 PI for 15 min at room temperature. Immediately afterwards, fluorescence was measured
using flow cytometry, and the fractions of live (annexin V−/PI−), early and late apoptotic (annexin
V+/PI− and annexin V+/PI+, respectively), and necrotic (annexin V−/PI+) cells were determined.

2.2.10 Inflammatory cytokine assay
Tumor necrosis factor-alpha (TNF-α) and interleukin-1 beta (IL-1β), are inflammatory cytokines
primarily produced by macrophages/monocytes during acute inflammation (Tsarouchas, Wehner
et al. 2018). Differentiated THP-1 cells were seeded at a density of 2 × 104 cells/well in 100 μL
complete medium in standard 96-well plates. After culturing for 24 h, the medium was replaced
with medium containing PLGA, BSA-PLGA or ATRAM-BSA-PLGA NPs loaded with
0.5 µg mL−1 Dox-TPP and incubated for 24 h at 37 °C. Cells treated with the macrophage activator
lipopolysaccharide (LPS, 20 ng mL-1) (Meng and Lowell 1997) were used as a positive control,
while untreated cells served as a negative control. Thereafter, the cell culture medium was assayed
for secretion of TNF-α and IL-1β using commercial enzyme-linked immunosorbent assay (ELISA)
kits. The total TNF-α and IL-1β levels were determined from the absorbance (λ = 450 nm)
measured on a BioTek Synergy H1MF Multi-Mode Microplate-Reader using a standard TNF-α
concentration calibration curve.
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2.2.11 In vivo tumor inhibition studies

All animal experiments were approved by the NYU Abu Dhabi Institutional Animal Care and Use
Committee (NYUAD-IACUC; Protocol No. 18-0001), and were carried out in accordance with
the Guide for Care and Use of Laboratory Animals (Council 2010). Moreover, the in vivo studies
for these NPs were conducted by L. Palanikumar (Palanikumar, Al-Hosani et al. 2020). Female
C3H/HeJ mice (The Jackson Laboratory, Bar Harbor, ME) were bred in-house by the NYU Abu
Dhabi Vivarium Facility in a 12 h light/dark schedule.

For pharmacokinetics, a simple and rapid HPLC method (Alhareth, Vauthier et al.
2012) was used to quantify the concentration of Dox in plasma of mice treated with Dox-TPP
loaded ATRAM-BSA-PLGA NPs. Following intravenous injection with one dose of Dox
(2 mg kg−1) or Dox-TPP loaded BSA-PLGA NPs (115 mg kg−1, with the loading capacity of DoxTPP at 1.8 wt%), blood was drawn at different time points over 48 h. Hundred microliters of
plasma was separated from whole blood by centrifugation (2500 rpm for 15 min), then spiked with
Dox (1 μg mL−1). This was followed by addition of 100 µL Tris buffer (of 1 M, pH 8) to the isolated
plasma, and extraction of Dox was performed thrice by dilution in 3 mL chloroform/methanol
(9:1 v/v) and vortexing for 10 min, followed by centrifugation (11,000 rpm for 10 min). The
organic phase was collected and evaporated to dryness under a N2 stream. Thereafter, the dry
residue was dissolved in 60 µL acetonitrile and centrifuged (11,000 rpm for 5 min), and the
supernatant was collected and filtered using a 0.2-µm syringe filter. Finally, ∼20 µL of the
supernatant was injected into the HPLC and peaks were analyzed for Dox concentration against a
standard calibration curve.
For tumor inhibition studies, 5 × 106 viable breast cancer 4T1 cells (ATCC no. CRL-2539)
were injected subcutaneously into the right flank of each mouse at age 6–8 weeks. Mice were
assessed daily for overt signs of toxicity. Tumor volume was measured via high-precision calipers
(Thermo Fisher) using the following formula:
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Tumor volume(mm3)=(W2×L)/2,
where W and L are tumor width and length in mm, respectively (Bowerman, Byrne et al. 2017).
Mice were euthanized once tumor volume approached burden defined by NYUAD-IACUC.
Once the tumor volume reached ~25 mm3, the mice were randomized into six treatment
groups (n = 8 per group), which were injected intravenously (once every 3 days, for a total of 10
doses) with: (1) saline; (2) drug-free BSA-PLGA NPs (115 mg kg−1); (3) drug-free ATRAM-BSAPLGA NPs (115 mg kg−1); (4) free Dox (2 mg kg−1); (5) Dox-TPP loaded BSA-PLGA NPs
(115 mg kg−1, with the loading capacity of Dox-TPP at 1.8 wt%); (6) Dox-TPP loaded ATRAMBSA-PLGA NPs (115 mg kg−1, with the loading capacity of Dox-TPP at 1.8 wt%). The dose of
doxorubicin administered was based on previously published work (Palanikumar, Choi et al.
2018). Body weight and tumor volume were recorded every 2 days, and survival (n = 4 per group)
was monitored for a total of 90 days.

After the 30 days of treatment, four mice per treatment group were sacrificed and the tumor
tissues were isolated to determine the tumor mass. For histological analysis, tumors and vital
organs were dehydrated with 95% ethanol twice for 30 min, and then soaked in xylene for 1 h at
60–70 °C followed by paraffin for 12 h. The paraffin embedded tissues were sectioned into 7-μm
slices, dewaxed on microscope slides, and finally stained with H&E using standard procedures (Li,
Li et al. 2018). The tissue sections were imaged on a NIKON LV-Dia Metallurgical Microscope.

2.2.12 Statistics and reproducibility
For in vitro studies, all parts of the experiments were blinded (treatment, data acquisition and data
analysis). For in vivo studies, power calculation was used to select sample sizes from the NYU
Abu Dhabi Institutional Animal Care and Use Committee (NYUAD-IACUC) Protocol (Protocol
No. 18-0001). Confidence intervals in this work represent the standard deviation across at least
three biological replicates (i.e., n ≥ 3). Statistical analysis was performed using the Prism 7.0
software (GraphPad Software, Inc., La Jolla, CA, USA). Statistical significance between two
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groups was assessed by an unpaired t-test, and among three or more groups by two-way analysis
of variance (ANOVA) followed by Tukey’s post hoc test. P < 0.05 was considered to be
statistically significant.

2.3. Results and discussion
2.3.1 Synthesis and characterization of Dox-TPP
Dox, an anthracycline antitumor agent that primarily targets nuclear DNA, is one of the most
widely used and potent FDA‐approved broad-spectrum chemotherapeutic drugs for the treatment
of hematological malignancies and solid tumors (Dartier, Lemaitre et al. 2017). The anticancer
effects of Dox are a result of inhibiting topoisomerase II, causing nuclear DNA damage and
inducing ROS (Han, Vakili et al. 2014). The antitumor efficacy of Dox, however, is often
compromised by the development of MDR (Szakács, Paterson et al. 2006).
In light of this, there has been considerable attention focused on identifying the molecular
targets for MDR and developing inhibitors against those targets (Han, Vakili et al. 2014).
Interestingly, the overexpression ATP-dependent drug export pumps, which contribute to MDR
have been shown to not only be localized in the plasma membrane, but also within the
mitochondrial membranes of several types of cancer cells (Dartier, Lemaitre et al. 2017). Given
that mitochondrial metabolism and ATP-dependent drug efflux are critical for the survival of drugresistant cells, targeting mitochondria may prove to be an effective strategy in inducing cancer cell
death and overcoming multiple mechanisms of drug resistance in cancer cells (Dartier, Lemaitre
et al. 2017). Indeed, studies have reported that altering the intracellular distribution of Dox agents
through the use of mitochondriotropic ligands, such as the mitochondria-specific lipophilic
triphenylphosphonium (TPP), can overcome MDR, thereby increasing the drug’s therapeutic
efficacy (Dartier, Lemaitre et al. 2017). This was confirmed by Han et al. when Dox-TPP was
found to be a more potent anticancer drug than free Dox within a Dox resistant MDA-MB-435
human cancer cell line; Dox-TPP reduced the resistance of MDA-MB-435 cells by more than 3fold and led to the resensitization of these cells to treatment with Dox (Han, Vakili et al. 2014).
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With this in mind, Dox-TPP was synthesized in order to achieve selective internalization
within mitochondria (Fig. 3a). Upon accumulation within the negatively charged mitochondrial
matrix, Dox-TPP damages mitochondrial DNA, which lacks the efficient repair mechanisms of
nuclear DNA, thereby interfering with mitochondrial respiration and inhibiting ATP production
(Han, Vakili et al. 2014). LC-MS was used to determine the structure of the Dox-TPP molecule
(Fig. 3b), while DLS determined that the zeta potentials of the Dox and Dox-TPP solutions
(40 µg mL−1) were +3.35 mV and +22.18 mV, respectively (Fig. 3c), and in line with reported
values (Han, Vakili et al. 2014). Moreover, the MTS assay was then carried out to compare the
cytotoxicity of both drugs; Dox-TPP reduced the cell viability of human breast cancer MCF-7 cells
to 15 ± 2% compared to unmodified Dox, which was 29 ± 4% at 2.0 μg mL−1 (Fig. 4), indicating
that Dox-TPP is a more toxic chemotherapeutic.

Fig. 3: Synthesis and characterization of doxorubicin-triphenylphosphine (Dox-TPP). (a) Synthetic scheme
for preparation of Dox-TPP. (b) Characterization of Dox-TPP using LCMS. Due to the negative charge, the
bromine ion did not appear in the spectrum, and the counter ion peak was observed at 874.4 (C49H50NO12P+).
The M-1 peak at 873.4 was strong compared to the molecular ion peak, which is likely a result of loss of a
hydrogen radical from either the acetal group or one of the benzyl groups in M+. (c) Zeta potential measurements
of Dox and Dox-TPP solutions (40 µg mL-1).
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Fig. 4: Cell viability of MCF-7 cells treated with unmodified Dox and Dox-TPP for 48h. Cell viability was
assessed using the MTS assay, with the % viability determined form the ratio of the absorbance of the treated
cells to the control cells (n = 4). *P < 0.05.

2.3.2 Preparation and characterization of BSA-PLGA and ATRAM-BSA-PLGA NPs
In order to prolong plasma circulation and prevent the formation of the serum protein corona,
which can cause uncontrolled leakage of loaded drugs from self-assembled polymeric structures
and result in nonspecific distribution (Liu and Thayumanavan 2017, Oh, Kim et al. 2018), the
designed biocompatible and biodegradable hybrid NPs were ‘wrapped’ with a stealth hydrophilic
shell composed of BSA. BSA was chosen instead of PEG as the latter has been reported to have
certain limitations; it can prevent intracellular uptake and endosomal escape as well as trigger an
immune reaction (Porfire, Achim et al. 2017). Moreover, BSA is readily available, low in cost,
easy to purify, has high water solubility and a long in vivo circulation half-life (Elzoghby, Samy
et al. 2012).
BSA-grafted PLGA NPs with a Dox-TPP loading capacity of 1.8 wt% were prepared by a
simple two-step method (Fig. 5a), which briefly involved activating carboxyl groups on the NP
surface followed by using amine conjugation chemistry to covalently couple BSA to the surface
of PLGA (Kocbek, Obermajer et al. 2007). Moreover, since delivery of hydrophobic drugs to
target sites remains a major challenge for NP-based drug delivery strategies, there is a considerable
amount of focus on conferring a high encapsulation stability when designing NPs (Savić,
Eisenberg et al. 2006). Indeed, it was shown that crosslinked polymer nanogels have high
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encapsulation stability and that altering the degree of crosslinking can tune the leakage dynamics
of the NPs (Jiwpanich, Ryu et al. 2010). In light of this, GA was used to covalently crosslink the
majority of the reactive lysine residues in BSA (72%, Fig. 5b) in order to confer high encapsulation
stability of the designed NPs (Jiwpanich, Ryu et al. 2010) and avoid premature leakage of the
loaded cargo molecules (Langer, Balthasar et al. 2003), thereby achieving a consistent
polydispersity index of 0.02.

The NPs were then characterized since the particle size and surface properties play a key
role in the pharmacokinetics, biodistribution, cellular uptake and drug release (Liang, Jin et al.
2020). The deposition of the BSA layer over the PLGA surface was confirmed by TEM and STEM
(Fig. 5c, d), which revealed the BSA-modified PLGA NPs as a core-shell structure. These findings
were consistent with the DLS measurements in which BSA formed a corona with a thickness
of ∼10 nm and slightly increased the particle size of the NPs from 105 to 130 nm, which is within
the range of values reported for NPs that passively target tumors (Fig. 6a) (Porfire, Achim et al.
2017). Moreover, the BCA protein assay revealed that 72.9 ± 2.7 µg mg−1 of BSA was used to coat
the surface of the PLGA NPs, which is equivalent to ~7.3 wt% of the NPs. This is similar to the
reported 8 wt% of PEGylation over the surface of NPs, which is necessary to avoid opsonization
(Dai, Walkey et al. 2014). The zeta potential of the PLGA NPs also initially exhibited a negative
charge of −28 mV, which then changed to −16 mV after enriching the surface of the NPs with
BSA (Fig. 6c). This negative charge is critical as studies have revealed that positively charged NPs
tend to nonspecifically interact with anionic components in the blood, resulting in recognition and
rapid clearance from circulation by the MPS (Porfire, Achim et al. 2017).

Since micellar systems are unable to achieve efficient targeted delivery to solid tumors
(Nakamura, Mochida et al. 2016), the surface of these designed NPs was modified by attaching
the ATRAM peptide. This was achieved using carbodiimide chemistry in which the N-terminal
amino group of the ATRAM peptide was conjugated to the remaining lysine residues of BSA in
the NPs (Kocbek, Obermajer et al. 2007). DLS measurements showed that conjugation to the
ATRAM peptide did not significantly change the particle size of the BSA-PLGA NPs (Fig. 6b).
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However, the zeta potential changed once ATRAM was covalently coupled to the NPs; at pH 7.4,
crosslinked BSA-PLGA were characterized as −16 mV, whereas ATRAM-BSA-PLGA had a zeta
potential of −5 mV (Fig. 6d, e), which is in line with the zeta potential values reported for other
highly stable NPs at physiological pH (Palanikumar, Jeena et al. 2017, Oh, Kim et al. 2018).
Moreover, the negative charge gradually became even more positive (+10 mV) in response to
acidic conditions similar to the peritumoral pH owing to the protonation of ATRAM’s glutamic
acid residues, thereby increasing the peptide’s hydrophobicity and allowing it to insert into the
bilayer as a transmembrane α-helix (Nguyen, Alves et al. 2015). This positive charge is beneficial
for enhancing the cellular internalization of the NPs as studies have showed that although
negatively charged NPs can evade nonspecific interactions with serum proteins during circulation,
they typically exhibit low cellular uptake owing to the low binding affinity with the negatively
charged tumor cell membranes (Yuan, Mao et al. 2012). In order to resolve this aforementioned
issue, considerable attention has been focused on charge-conversional NPs, which have the ability
to reverse surface charge from negative to positive when exposed to the extracellular acidic
microenvironment (Li, Chen et al. 2016). Thus, the ATRAM-functionalized BSA-PLGA NPs
exhibit the surface charge conversion property that is highly desired for cancer drug delivery NPs.

The colloidal stability of the NPs was then analyzed in in order to determine whether the
crosslinked BSA shell does indeed enhance the stability of the NPs. The BSA-PLGA NPs showed
no significant aggregation when incubated in 10 mM phosphate buffer solution (pH 7.4) and cell
culture medium containing 10% FBS over 72 h (Fig. 7a, b). Moreover, in high serum and high
ionic strength environments, which can destabilize nanocarriers (Moore, Rodriguez-Lorenzo et al.
2015), the size of the BSA-PLGA NPs was not affected (Fig. 7c, d). This indicates that the
crosslinked BSA shell and negative surface charge preserve the integrity of the NPs in different
aqueous environments by avoiding nonspecific adsorption with negatively charged serum proteins,
which is beneficial to enhancing the passive targeting efficacy of the NPs to solid tumors via the
EPR effect. This in turn, makes the designed NPs highly attractive potential candidates for the
safer and more effective delivery of chemotherapeutics.
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Fig. 5: Characterization of the BSA-PLGA NPs. (a) Schematic representation of preparation of Dox-TPP
loaded ATRAM-conjugated BSA-PLGA NPs. (b) Extent of BSA crosslinking on the surface of the NPs as a
function of GA concentration (w/w%) was determined using the TNBS assay. (c, d) TEM and STEM images of
PLGA (c) and BSA-PLGA (d) NPs. Scale bar = 50 nm.
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Fig. 6: Characterization of the BSA-PLGA and ATRAM-BSA-PLGA NPs. (a, b) Size analysis for PLGA
and BSA-PLGA NPs in 10 mM phosphate buffer at pH 7.4 (a) and ATRAM-BSA-PLGA NPs in aqueous
solution (b). (c, d, e) Zeta potential measurements for PLGA and BSA-PLGA NPs in 10 mM phosphate buffer
at pH 7.4 (c), crosslinked BSA-PLGA (d) and ATRAM-BSA-PLGA NPs in aqueous solution (e).

Fig. 7: Colloidal stability analysis for crosslinked BSA-PLGA NPs. Size analysis of BSA-PLGA NPs in
10 mM phosphate buffer at pH 7.4 (a) cell culture medium containing 10% FBS (b) cell culture medium
containing 50% FBS (c) and 1×PBS (137 mM NaCl, 2.7 mM KCl, 8 mM Na2HPO4, and 2 mM KH2PO4)
containing increasing concentrations of NaCl (d).
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2.3.3 Quantitative proteomic analysis
Quantitative proteomics was then carried out to assess the serum protein adsorption to the NPs
(Fig. 8). Once the PLGA and BSA-PLGA NPs were immersed in cell culture medium containing
10% FBS for 72 h, the digests for both formulations were analyzed by initially isolating the serum
proteins that adsorbed to the surface of the NPs via centrifugation followed by determining the
protein abundance using liquid chromatography tandem mass spectrometry (LC-MS/MS) with
label free-quantification (LFQ). Twenty-six of the most abundant serum proteins (e.g., serum
albumin, apolipoproteins and glycoproteins) were selected for the analysis (Table 2) and it was
observed that PLGA NPs exhibited considerably higher protein adsorption on their surface
compared to the BSA-PLGA NPs. Thus, the findings from the quantitative proteomics were
consistent with the colloidal stability analysis (Fig. 7), which supports the notion that the
crosslinked BSA shell and negative charge of the NPs prevent the formation of the serum protein
corona. This is also in line with a study in which 50 nm polystyrene nanospheres pre-coated with
HSA were able to minimize the interaction of serum proteins onto the surface of the NPs, resulting
in a prolonged blood circulation and significantly lower hepatic uptake clearance than uncoated
nanospheres, which were rapidly eliminated from systemic circulation following intravenous
administration in rats (Ogawara, Furumoto et al. 2004).

Fig. 8: Quantitative proteomic analysis of serum protein adsorption to the NPs. (a) Heat map representation
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of identified serum proteins in the control BSA (2 mg mL−1 solution) and FBS (10% in cell culture medium)
samples. (b) Heat map representation of serum proteins adsorbed to the NPs under the following conditions:
PLGA (1) and BSA-PLGA NPs (3) incubated in 10 mM phosphate buffer for 72 h; PLGA (2) and BSA-PLGA
NPs (4) incubated in cell culture medium containing 10% FBS for 72 h. As shown in the color scale bar, the
purple and yellow (gold) colors indicate high and low LFQ intensities (log2 (LFQ)), respectively, while dark
brown indicates that the protein concentration is below the detection limit. The proteins corresponding to the
UniProt Knowledgebase (UniProtKB) accession numbers shown in the figure are given in Table 2.
Table 2. Proteins corresponding to the UniProtKB accession numbers as shown in Figure 8.

2.3.4 Drug release profile of BSA-PLGA NPs
While colloidal stability is important, the intracellular fate of NPs and their ability to release their
contents in response to a biologically relevant stimulus are critical to their success (Das, Bharadwaj
et al. 2020). With this in mind, the release profile of the NPs in the presence and absence of a
stimulus was assessed in vitro by dialysis. In the absence of a stimulus at physiological pH, an
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obvious burst release was observed within the first hour with the naked PLGA NPs (Fig. 9a). The
burst release of Dox-TPP in PBS solution is attributed to the dissociation of the drug that is
adsorbed or close to the surface of the NPs (Liang, Jin et al. 2020). The initial burst was then
followed by a continuous slow release of drug until 24 h due to drug diffusion through pores within
the NP structure and PLGA polymer degradation, both of which are slower processes (Wang, Cai
et al. 2013). For BSA-PLGA NPs that did not contain the crosslinked shell, a slow and restrained
release of Dox-TPP over 24 h was observed (24 ± 5 vs 52 ± 2% of Dox-TPP released from BSAPLGA vs PLGA NPs, respectively) (Fig. 9a). This suggests that the presence of the BSA shell
reduces, but does not completely prevent premature drug release from the PLGA core. As
expected, the presence of the crosslinked BSA shell, which was shown to enhance the stability of
the NPs, minimized any stimulus-free leakage of the encapsulated drug over 24 h (Fig. 9a). This
in turn, ensures that the loaded drugs reach the target cancer cells without affecting the healthy
cells (Palanikumar, Choi et al. 2015).
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Fig. 9: Drug release profiles of the BSA-PLGA NPs in the absence and presence of a stimulus. (a) Stimulusfree release from Dox-TPP loaded PLGA or BSA-PLGA NPs (without and with shell crosslinking) in 10 mM
phosphate buffer (pH 7.4) (n = 3). (b, c) pH-triggered release from Dox-TPP loaded (b) and rhodamine B-loaded
(c) BSA-PLGA NPs with shell crosslinking (n = 3). (d) Glutathione (GSH) mediated Dox-TPP release from
crosslinked BSA-PLGA NPs in 10 mM phosphate buffer (pH 7.4) (n = 3).

Recent studies revealed that nanocarriers are taken up by cells primarily via endocytosis
(Palanikumar, Kim et al. 2015). Thus, once internalized, NPs will undergo intracellular trafficking
from early/maturing endosomes (pH 6.0–5.5) to late endosomes/lysosomes (pH 5.0–4.5) (Piao and
Amaravadi 2016, Fennelly and Amaravadi 2017). Therefore, the effects of varying acidic
environments on the release of Dox-TPP from crosslinked BSA-PLGA NPs was investigated
(Fig. 9b). At pH 6.5, which mimics the acidic tumor microenvironment, a limited amount of DoxTPP was released from the NPs, indicating that the crosslinked BSA-PLGA NPs are able to
minimize the premature release of their chemotherapeutic cargo within the mildly acidic
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microenvironment of malignant solid tumors (Palanikumar, Jeena et al. 2017). However, lowering
the pH to within the range reported for early endosomes (pH 5.8) resulted in the Dox-TPP cargo
being released rapidly over the same period of time (45 ± 5% release at 24 h), which would increase
the antitumor effect of the cargo. This fast release of Dox-TPP is attributed to the degradation of
the PLGA core in acidic solution due to the hydrolysis of the ester linkage into polymer chains,
thereby triggering a release of the cargo due to a lack of protection of the PLGA core (Rezvantalab,
Drude et al. 2018, Liang, Jin et al. 2020). Moreover, under these conditions, Dox-TPP becomes
protonated rendering it more hydrophilic and driving it out of the hydrophobic PLGA core
(Palanikumar, Jeena et al. 2017, Liu, Guo et al. 2018). Indeed, reducing the pH even further to
mimic the environment of late endosomes/lysosomes (pH 5.0), led to a much higher cumulative
release of Dox-TPP (79 ± 4% at 24 h) (Fig. 9b) illustrating the sensitivity of the NPs to late
endosomal/lysosomal pH and corroborating that once the NPs enter the cancer cells via
endocytosis, the cargo will escape the endosomes and avoid degradation in lysosomes. As a result,
a combination of high stability and sensitive pH-responsive behavior allow the NPs to control the
drug release in response to a change in the pH.

To confirm that protonation of the cargo does contribute to its acid-triggered release, a
control experiment was carried out in which the release of the hydrophobic dye rhodamine B from
crosslinked BSA-PLGA NPs was monitored (Fig. 9c). At pH 7.4 or 5.8, a limited amount of
rhodamine B was released. However, when rhodamine B became protonated at its carboxylic acid
group at pH 4.0 (negative logarithm of the acid dissociation constant pKa ∼4.2) (Yu, Murthy et al.
2013), a substantial amount of the dye was released from the NPs (44 ± 2% release at 24 h). As a
result, once the crosslinked BSA-PLGA NPs are internalized into cancer cells, the acidic
endosomes trigger the intracellular release of the Dox-TPP cargo. Additionally, since cancer cells
exhibit persistently high levels of reactive oxygen species (ROS) resulting in inactivated proteins,
altered membranes and mutations, the levels of cytosolic antioxidant glutathione (GSH) are
significantly higher in cancer cells compared to healthy cells in order to protect them from ionizing
radiation and oxidative stress (Wang, Cai et al. 2013, Palanikumar, Jeena et al. 2017). Therefore,
the effects of GSH on the NPs were assessed to determine whether this internal biological
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environment can be exploited to destabilize the NPs and trigger precise intracellular release of the
cargo, thereby enhancing the therapeutic effects and reducing systemic toxicity. In the presence of
0.5 mM GSH (for healthy mammalian cells) and 10 mM GSH (for cancer cells) (Wang, Cai et al.
2013, Bansal and Simon 2018) the crosslinked BSA-PLGA NPs released 18 ± 3% and 47 ± 3% of
the Dox-TPP cargo, respectively, at 24 h (Fig. 9d). This is attributed to the high binding affinity
of GSH to BSA leading to the formation of stable GSH-BSA complexes that result in disrupting
the crosslinked BSA shell and releasing the Dox-TPP cargo intracellularly (Jahanban-Esfahlan and
Panahi-Azar 2016).

2.3.5 Cellular Uptake of ATRAM-BSA-PLGA NPs
One of the key issues of using NPs for cancer therapy is a lack of specificity (Shanthi, Vimala et
al. 2015). With this in mind, the uptake of ATRAM-BSA-PLGA NPs in cancer cells was measured
using confocal fluorescence microscopy by monitoring the red fluorescence of Dox-TPP
encapsulated within the NPs. Dox fluorescence intensity was then quantified using flow cytometry.
Human breast cancer MCF-7 cells were initially incubated with Dox-TPP loaded ATRAM-BSAPLGA NPs for 1 or 4 h at 37 °C (Fig. 10). Fluorescence microscopy revealed brighter red
fluorescence signals, which colocalized with mitochondria, at pH 6.5 compared to pH 7.4 at both
1 and 4 h incubation times (Fig. 10a), indicating that the NPs were able to successfully enter the
cells in an acidic environment and target the mitochondria. Notably, when the pH decreased from
7.4 to 6.5, the pH-triggered positive zeta potential of the NPs (Fig. 6e) displayed significant
influence on their cellular uptake; a >5- and >7-fold stronger fluorescence intensity at pH 6.5 was
observed compared to pH 7.4 at 1 and 4 h incubation, respectively (Fig. 10c, d), suggesting that
the intracellular uptake of the NPs increased in a pH-dependent manner. The requirement of
ATRAM for pH-dependent cellular uptake was also confirmed when poor uptake of Dox-TPP
loaded BSA-PLGA NPs in MCF-7 cells was observed at both pH conditions (7.4 and 6.5) and
incubation times (1 and 4 h) (Fig. 10b, d and Fig. 11). Thus, the pH-dependent membrane insertion
of ATRAM allows the coupled NPs to target tumors and readily internalize in cells that reside
within a mildly acidic environment in order to deliver their loaded chemotherapeutic. This is
attributed to ATRAM’s characteristic functionalities in the molecular structure, where its pKa
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value is close to the tumor interstitial pH increasing the peptide’s efficiency in sensing and
targeting acidic diseased tissues (Nguyen, Alves et al. 2015). As a result, when ATRAM reaches
tumors where the microenvironmental pH is slightly acidic, a pH-dependent structural
transformation occurs due to protonation of its pH-sensitive moieties, allowing the peptide to
translocate across the lipid bilayer (Nguyen, Alves et al. 2015). Similarly, in human cervical cancer
HeLa cells, a greater amount of Dox-TPP of ATRAM-BSA-PLGA NPs was internalized and
colocalized with mitochondria at pH 6.5 compared to pH 7.4 (Fig. 12).
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Fig. 10: Cellular uptake of ATRAM-BSA-PLGA NPs is strongly pH-dependent. (a) Confocal laser scanning
microscopy images of MCF-7 cells incubated for 1 or 4 h with Dox-TPP loaded ATRAM-BSA-PLGA NPs at
physiological or acidic pH. Quantification of colocalization of the Dox-TPP cargo with mitochondria using
Pearson’s correlation coefficient (r). Scale bar = 10 µm. (b-d) Flow cytometry analysis of cellular uptake of
Dox-TPP loaded BSA-PLGA and ATRAM-BSA-PLGA NPs in MCF-7 cells: plot of side scatter (SSC) vs
fluorescence signal for MCF-7 cells that were either untreated (ctrl), or treated with Dox-TPP loaded BSAPLGA (b) or ATRAM-BSA-PLGA (c) NPs for 1 or 4 h at pH 7.4 or 6.5; d quantification of cellular uptake of
BSA-PLGA and ATRAM-BSA-PLGA NPs at different incubation times and pHs from the flow cytometry
analysis (n = 4). ***P < 0.001 compared with NPs at pH 7.4.
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Fig. 11: Confocal laser scanning microscopy images of MCF-7 cells incubated with Dox-TPP loaded BSAPLGA NPs for 1 h at pH 7.4 or 6.5. Scale bar = 10 µm.

Fig. 12: Confocal laser scanning microscopy images of HeLa cells incubated with Dox-TPP loaded
ATRAM-BSA-PLGA NPs for 1 h at pH 7.4 or 6.5. Inset: analysis of colocalization of the Dox-TPP cargo
(red) with mitochondria (MitoTracker Green) using Pearson’s correlation coefficient. Scale bar = 5 and 2 µm.

2.3.6 Determining the uptake mechanism of ATRAM-BSA-PLGA NPs
The elucidation of the exact intracellular uptake pathway of the NPs remains challenging as some
pathways are still insufficiently understood. However, studies have demonstrated that endocytosis
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is the main cellular process of internalization for not only nanocarriers, but for several pHresponsive peptides alone or coupled to a cargo (Nguyen, Palanikumar et al. 2019). Indeed,
polymeric micelles composed of polycaprolactone-bpoly(ethylene oxide) were endocytosed by rat
pheochromocytoma cells (Allen, Yu et al. 1999). In light of this, the mechanism (e.g., energydependent endocytosis or energy-independent direct translocation) by which the ATRAM-BSAPLGA-NPs are internalized into target cells was initially assessed at 4 °C, which has been reported
to inhibit energy-dependent uptake processes (He, Liu et al. 2018). This led to a significant
reduction in the amount of intracellular Dox-TPP (Fig. 13). Likewise, reducing the amount of
intracellular ATP, by pre-incubation of the cells with sodium azide/deoxyglucose (Woldetsadik,
Vogel et al. 2017), led to a reduction in cellular internalization of the NPs to 53 ± 4% of controls
(Fig. 14b, g) suggesting that the coupled NPs are internalized via energy-dependent and energyindependent uptake mechanisms.

Clathrin-mediated endocytosis is the most common mechanism used by a wide range of
nanocarriers, such as pH-responsive HA-g-poly(L-histidine) copolymer micelles and folateconjugated HA-octadecyl (FA-HA-C18) copolymers (Liu, Sun et al. 2011, Qiu, Li et al. 2014).
However, contradictory observations are often reported as the surface properties of the NPs can
affect the cellular uptake and translocation mechanisms (Abbad, Wang et al. 2015). To determine
which endocytic pathway is involved with the designed NPs, MCF-7 cells were pre-incubated with
various chemical inhibitors that block specific endocytosis pathways. MCF-7 cells incubated with
ATRAM-BSA-PLGA NPs without any inhibitors were used as controls (Fig. 14a). Compared to
the control groups, chlorpromazine, which inhibits clathrin-coated pit formation (Wang, Rothberg
et al. 1993), reduced the cellular uptake of Dox-TPP to 49 ± 1% of controls (Fig. 14c, g), depicting
that ATRAM-BSA-PLGA-NPs are internalized via clathrin-mediated endocytosis. On the other
hand, treatment with methyl-β-cyclodextrin, which removes cholesterol out of the plasma
membrane and interferes with several cholesterol-dependent mechanisms, such as lipid raftmediated endocytic pathways, including caveolae-dependent endocytosis (Anderson 1998), did
not affect the cellular uptake of the NPs (Fig. 14d, g). Similarly, treating the cells with filipin, an
inhibitor of lipid raft-mediated caveolae endocytosis (Schnitzer, Oh et al. 1994), also had no effect
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on the uptake of the NPs (Fig. 14e, g). Moreover, in the presence of amiloride, a specific inhibitor
of the Na+/H+ exchange that results in a reduction of the pH in the submembranous region, thereby
affecting macropinocytosis (West, Bretscher et al. 1989), did not significantly inhibit uptake of the
NPs (Fig. 14f, g). Overall, these results show that pH-dependent cellular uptake of ATRAM-BSAPLGA NPs occurs by both direct translocation and clathrin-mediated endocytosis.

Taken together, ATRAM-BSA-PLGA NPs are specifically targeted to cancer cells and can
internalize via direct translocation, thereby exposing the NPs to the high levels of GSH within the
cytosol. This internal stimulus would in turn, destabilize the crosslinked BSA shell and release the
Dox-TPP cargo (Fig. 14h). For those NPs that get internalized via clathrin-mediated endocytosis,
the cargo would gradually get released from the endocytic compartments due to the PLGA core of
the NPs being degraded in response to the increasingly acidic environments during endosomal
trafficking. Moreover, the low pH of late endosomes would facilitate endosome membrane
insertion and destabilization by ATRAM, which has been demonstrated for other endocytosed pHtriggered peptides (Mastrobattista, Koning et al. 2002, Wolf, Aisenbrey et al. 2017), thereby
releasing the Dox-TPP cargo intracellularly.

Fig. 13: Effects of low temperature on uptake of ATRAM-BSA-PLGA NPs. Confocal laser scanning
microscopy images of MCF-7 cells incubated with Dox-TPP loaded ATRAMBSA-PLGA NPs for 1 h at 4 ºC.
Scale bar = 10 µm.
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Fig. 14: Determination of cellular uptake mechanisms of ATRAM-BSA-PLGA NPs. (a–f) Confocal laser
scanning microscopy images of MCF-7 cells treated with Dox-TPP loaded ATRAM-BSA-PLGA NPs for 1 h,
at acidic pH 6.5. Uninhibited uptake in control cells (a) was compared to uptake in cells that were pretreated
with sodium azide and 2-deoxy-D-glucose to deplete cellular ATP (b). Alternatively, the cells were pretreated
with endocytosis inhibitors: chlorpromazine (Chlor; clathrin-dependent endocytosis) (c), methyl-β-cyclodextrin
(MβCD; lipid raft-mediated endocytosis) (d), filipin (Flp; caveolaedependent endocytosis) (e) or amiloride
(Aml; macropinocytosis inhibitor) (f). Scale bar = 10 µm. (g) Flow Cytometry analysis of cellular uptake of
Dox-TPP loaded ATRAM-BSA-PLGA NPs in MCF-7 cells under conditions in (a–f) (n = 4). *P < 0.05
compared with controls. (h) Schematic representation of efficient cellular uptake, by both energy-independent
and -dependent mechanisms, of the ATRAM-BSA-PLGA NPs at acidic tumoral pH, followed by intracellular
release of the Dox-TPP cargo.
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2.3.7 Cytotoxic effects of drug-loaded ATRAM-BSA-PLGA NPs
The in vitro antitumor effects of the ATRAM-BSA-PLGA NPs was assessed using the MTS assay.
Studies have reported that many of the side-effects associated with the encapsulated cargo are
attributed to its delivery vehicle (Wolf, Aisenbrey et al. 2017). To ensure that this does not apply
to the ATRAM-BSA-PLGA NPs, the effects of several drug-free NP formulations on MCF-7 cell
viability were measured. PLGA NPs without drug did not have a significant effect on the viability
of MCF-7 cells at concentrations ranging from 2.5 to 75 µg mL−1 (Fig. 15a). These findings are in
agreement with previous investigations that have reported on the biocompatibility of PLGA
(Rezvantalab, Drude et al. 2018). Likewise, treatment with both drug-free BSA-PLGA or drugfree ATRAM-BSA-PLGA NPs up to a reasonably high concentration of 75 µg mL−1 did not
significantly affect the MCF-7 cell viability at pH 7.4 (Fig. 15a) or 6.5 (Fig. 16a), which is in line
with studies reporting on the lack of toxicity of the ATRAM peptide at either pH 7.4 or 6.5 (Wyatt,
Moshnikova et al. 2018). The findings suggest that the designed ATRAM-BSA-PLGA NPs are
indeed nontoxic and can be used as a drug delivery platform for cancer therapy.

Treatment of human cancer cell lines, MCF-7, HeLa and MIA PaCa-2 with ATRAM-BSAPLGA NPs loaded with Dox-TPP showed that the NPs exert a concentration-dependent, positive,
linear cytotoxic effect toward cancer cells (Fig. 15b–d). Interestingly, the cytotoxicity of the NPs
was similar to that of free Dox-TPP in the treatment of 48 h (Fig. 4), indicating that the Dox-TPP
is being released from the NPs. Notably, a decrease from physiological pH to acidic pH (6.5)
significantly enhanced the cytotoxicity of the

Dox-TPP cargo, particularly at higher

concentrations (>0.5 µg mL−1) (Fig. 15b–d). A similar trend was also observed when mouse cancer
cell lines, neuroblastoma Neuro-2a and breast cancer 4T1, were treated with Dox-TPP loaded NPs
(Fig. 15e, f). This enhanced cytotoxicity at acidic pH, which is attributed to the increased cellular
uptake, confirm that the ATRAM peptide present on the surface of the NPs allows the coupled
NPs to target cancer cells residing within a mildly acidic environment and release the drug
intracellularly in order to elicit the desired pharmacological response. Next, the effects of DoxTPP loaded BSA-PLGA NPs on MCF-7 and HeLa cell viability (Fig. 16b, c) was quantified using
the MTS assay. Interestingly, the BSA-PLGA NPs encapsulated with up to 2 µg mL−1 of Dox-TPP
85

exhibited no toxicity at either pH conditions validating that ATRAM is responsible for the pHresponsive behavior of the coupled NPs. In light of these results, although the Dox-TPP loaded
ATRAM-BSA-PLGA NPs was shown to be toxic in all cell lines at pH 6.5, they exhibited the
highest toxicity against MCF-7 and MIA PaCa-2 cells, suggesting that the designed NPs could be
used in treating human breast and pancreatic cancers.

To ascertain whether the NP-induced cancer cell death occurs via apoptosis or necrosis, an
Alexa 488-conjugated annexin V/propidium iodide (PI) staining was carried out (Fig. 15g–i).
Treatment of MCF-7 cells with ATRAM-BSA-PLGA NPs encapsulating 0.5 µg mL−1 Dox-TPP
for 12 h at pH 6.5 resulted in a significant amount of cells (74 ± 2% of that of controls) undergoing
early apoptosis. These results demonstrate that NP-induced cancer cell death occurs primarily via
apoptosis, which was expected due to the cargo being a Dox derivative.
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Fig. 15: Mechanism of pH-dependent cytotoxicity of Dox-TPP loaded ATRAM-BSA-PLGA NPs. (a) Cell
viability of MCF-7 cells treated with PLGA, BSA-PLGA or ATRAM-BSA-PLGA NPs (all without Dox-TPP)
for 48 h (n = 4). (b–f) Effect of Dox-TPP loaded ATRAM-BSA-PLGA NPs on viability MCF-7 (b), HeLa (c),
MIA PaCa-2 (d), Neuro-2a (e), and 4T1 (f) cancer cells after 48 h incubation at pH 7.4 or 6.5. Cell viability in
(a–f) was assessed using the MTS assay, with the % viability determined form the ratio of the absorbance of the
treated cells to the control cells (n = 4). *P < 0.05, **P < 0.01 compared with pH 7.4. (g, h) Flow cytometry
analysis of annexin V/propidium iodide (PI) staining of MCF-7 cells that were either untreated (control; g), or
treated with ATRAM-BSA-PLGA NPs loaded with 0.5 µg mL−1 Dox-TPP for 12 h at pH 6.5 (h). The bottom
left quadrant (annexin V-/PI-) represents live cells; bottom right (annexin V+/PI−), early apoptotic cells; top
right (annexin V+/PI+), late apoptotic cells; and top left (annexin V−/PI+), necrotic cells. (i) A summary of the
incidence of early/late apoptosis and necrosis in the MCF-7 cells treated with Dox-TPP loaded ATRAM-BSAPLGA NPs determined from the flow cytometry analysis of annexin V/PI staining (n = 4). *P < 0.05 compared
with controls.
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Fig. 16: Cell viability of MCF-7 cells treated with drug-free ATRAM-BSA-PLGA NPs for 48 h at pH 6.5
or (a) Dox-TPP loaded BSA-PLGA NPs for 48 h at pH 7.4 or 6.5 and (b) HeLa cells with Dox-TPP loaded
BSA-PLGA NPs for 48 h at pH 7.4 or 6.5 (c). Cell viability was assessed using the MTS assay, with the %
viability determined form the ratio of the absorbance of the treated cells to the control cells (n = 4). ns, nonsignificant (P > 0.05).

2.3.8 Macrophage recognition and reduced cytokine production with ATRAM-BSA-PLGA
NPs
To confirm that the NPs are able to evade recognition and uptake by neutrophils and macrophages,
the cellular uptake of the NPs in THP-1-derived macrophage-like cells (Chanput, Mes et al. 2014),
was assessed using confocal fluorescence microscopy. Exposing THP-1 cells to PLGA NPs at pH
7.4 led to an accumulation of a substantial amount of the Dox-TPP cargo intracellularly over time,
indicating that the PLGA NPs are readily taken up by macrophages (Fig. 17a). In contrast, minimal
intracellular Dox-TPP was observed for THP-1 cells treated with ATRAM-BSA-PLGA NPs at pH
7.4 for the duration of the experiment (Fig. 17b). Quantification of cellular uptake using flow
cytometry showed that internalization of crosslinked BSA-PLGA or ATRAM-BSA-PLGA NPs in
THP-1 cells at pH 7.4 was ~5 fold lower compared to PLGA NPs (Fig. 17c, d). Moreover, exposure
to Dox-TPP loaded PLGA NPs at pH 7.4 induced considerable toxicity in THP-1 cells, whereas
Dox-TPP loaded crosslinked BSA-PLGA or ATRAM-BSA-PLGA NPs did not affect THP-1 cell
viability (Fig. 17f).

To assess whether there was an inflammatory response during treatment with ATRAMBSA-PLGA NPs, the production of TNF-α and IL-1β by THP-1 monocytes exposed to the NPs
was quantified (Fig. 17g). Treatment of THP-1 cells with PLGA NPs encapsulating
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0.5 µg mL−1 Dox-TPP resulted in a production of ~39 and ~58 pg mL−1 of TNF-α and Il-1β,
respectively, which were comparable to the production of TNF-α and Il-1β (~40 and
~60 pg mL−1 of TNF-α and Il-1β, respectively) in THP-1 cells exposed to LPS, a potent activator
of macrophages. In contrast, treatment with Dox-TPP loaded crosslinked BSA-PLGA and DoxTPP loaded ATRAM-BSA-PLGA NPs did not have any significant effect on the cytokine
production in the exposed cells (<5 pg mL−1) (Fig. 17g). As a result, these findings demonstrate
that ATRAM-BSA-PLGA NPs do not induce any inflammatory effects and thus, are able to
effectively evade recognition and uptake by macrophages (Fig. 17e).

Fig. 17: ATRAM-BSA-PLGA NPs evade uptake by differentiated human monocytic leukemia THP-1
cells. (a, b) Confocal laser scanning microscopy images of THP-1 cells incubated with Dox-TPP loaded PLGA
(a) or ATRAM-BSA-PLGA (b) NPs for 1–4 h at pH 7.4. Scale bar = 5 µm. (c, d) Flow cytometry analysis of
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cellular uptake of Dox-TPP loaded PLGA, crosslinked BSA-PLGA and ATRAM-BSA-PLGA NPs in THP-1
cells: (c) plot of side scatter (SSC) vs fluorescence signal for THP-1 cells that were either untreated (ctrl), or
treated with Dox-TPP loaded PLGA, crosslinked BSA-PLGA or ATRAM-BSA-PLGA NPs for 2 h at pH 7.4; (d)
quantification of cellular uptake of the NPs from the flow cytometry analysis (n = 4). (e) Schematic
representation of sequestration of PLGA NPs, but not crosslinked BSA-PLGA or ATRAM-BSA-PLGA NPs, by
macrophages (e.g., monocytes). (f) Cell viability of THP-1 cells treated with Dox-TPP loaded PLGA,
crosslinked BSA-PLGA or ATRAM-BSA-PLGA NPs for 48 h at pH 7.4. Cell viability was assessed using the
MTS assay, with the % viability determined from the ratio of the absorbance of the treated cells to the control
cells (n = 4). (g) Release of inflammatory cytokines, TNF-α and IL-1β, by THP-1 cells exposed to Dox-TPP
loaded PLGA, crosslinked BSA-PLGA or ATRAM-BSA-PLGA NPs for 24 h at pH 7.4. Cells treated with LPS
were used as a positive control for inflammation. TNF-α and IL-1β levels in the culture medium were assayed
using a commercial ELISA kit (n = 4). *P < 0.05, **P < 0.01 or non-significant (ns, P > 0.05) compared with
controls.

2.3.9 In vivo tumor inhibition by Dox-TPP loaded ATRAM-BSA-PLGA NPs
The pharmacokinetic profiles revealed that the half-life of free Dox was less than 30 minutes,
whereas Dox-TPP loaded NPs exhibited a much longer in vivo circulation half-life of ~7 h
(Fig. 18a). Additionally, the plasma concentration of Dox was markedly higher in the plasma of
mice up to 48 h after treatment with the Dox-TPP loaded NPs than when delivered without a carrier
(Fig. 18a). Free Dox in plasma dropped rapidly in <16 h of administration suggesting that the free
Dox was rapidly distributed and cleared from the bloodstream after administration. As a result, the
ATRAM-BSA-PLGA NPs prolonged the in vivo circulation time of the encapsulated drug, thereby
facilitating greater accumulation in tumor tissue and increasing anticancer activity. The prolonged
blood circulation profile of Dox-TPP loaded ATRAM-BSA-PLGA NPs is attributed to the BSA
shell that is ‘wrapped’ around the NPs, which minimizes any interactions with serum components
and clearance by neutrophils and macrophages, as well as the crosslinking of the shell that confers
high circulation stability.

To confirm the antitumor potential of the Dox-TPP loaded NPs in vivo, the antitumor
efficacy was evaluated in a subcutaneous breast cancer 4T1 tumor model (Fig. 18b). As expected.
tumors in mice receiving saline did not show any signs of tumor growth suppression after 30 days
(Fig. 18d-f). Likewise, drug-free BSA-PLGA NPs had limited influence on tumor growth in 4T1
tumor-bearing mice over the entire period of the study (Fig. 18d-f). In comparison to the saline
treated controls, treatment with free Dox (tumor volume and weight following treatment ~78%
and 55%, respectively) which lacks targeting effect, exhibited moderate inhibition of tumor growth
90

in spite of higher cytotoxicity in vitro (Fig. 4). By contrast, treatment with Dox-TPP loaded BSAPLGA NPs exhibited higher tumor growth delay, where the tumor volume and weight after
treatment were ~60% and 38%, respectively, with those of controls (Fig. 18d-f). However, the
most superior tumor inhibitory effect was observed with Dox-TPP loaded ATRAM-BSA-PLGA
NPs, which completely suppressed tumor growth. Indeed, treatment with Dox-TPP loaded
ATRAM-BSA-PLGA NPs reduced the tumor volume from 26 ± 2 mm3 to 23 ± 2 mm3 (Fig. 18d),
while the tumor mass was ~24% that of the saline treated controls (Fig. 18e, f). This effect was
expected due to Dox-TPP loaded ATRAM-BSA-PLGA NPs demonstrating remarkable targeting
efficiency to tumor tissues, enhanced cellular uptake by tumor cells and rapid intracellular release
of the cargo within cancer cells. Moreover, no weight loss was observed in the mice during the
course of treatment with the ATRAM-BSA-PLGA NPs (Fig. 18c).

The pronounced antitumor efficacy of the Dox-TPP ATRAM-BSA-PLGA NPs in mice
compared to the other treatment groups was further confirmed by histological analysis of tumor
tissues using H&E staining (Fig. 18g). The groups injected with saline and drug-free NPs showed
the typical pathological characteristics of tumor, such as closely packed tumor cells, which were
completely absent within the groups treated with Dox-TPP loaded ATRAM-BSA-PLGA NPs.
Importantly, treatment with Dox-TPP loaded ATRAM-BSA-PLGA NPs prolonged the survival
time of the treated mice compared to free Dox over the 90-day duration of the experiment
(Fig. 18h). These better survival rates are attributed to multiple factors, including the prolonged
circulation time and targeting capability of the Dox-TPP loaded ATRAM-BSA-PLGA NPs
towards the tumor, leading to a higher accumulation of Dox-TPP in the tumor site compared with
free Dox, which was eliminated more rapidly. Additionally, H&E-stained lung, liver, spleen, heart,
and kidney sections showed no apparent abnormalities or lesions suggesting the safe application
of the Dox-TPP loaded ATRAM-BSA-PLGA NPs (Fig. 19). Overall, these results show that the
ATRAM-BSA-PLGA NPs have better pharmacokinetics, tumor targeting efficiency and ondemand Dox-TPP release in comparison to the other NP formulations and thus, can be a safe and
controllable system that could enhance the therapeutic efficacy of the loaded cargo while reducing
side-effects in healthy cells that is common to conventional chemotherapy.
91

Fig. 18: Inhibition of 4T1 tumor growth by Dox-TPP loaded ATRAM-BSA-PLGA NPs. (a) In vivo
pharmacokinetics of Dox-TPP loaded in ATRAM-BSA-PLGA NPs. The Dox concentration in plasma of mice
(n = 4 per group) treated with free Dox (2 mg kg−1) or Dox-TPP loaded BSA-PLGA NPs (115 mg kg−1, with the
loading capacity of Dox-TPP at 1.8 wt%) was quantified using HPLC (Alhareth, Vauthier et al. 2012) at different
time points over 48 h. (b) Treatment schedule for the tumor reduction studies. Once the tumor volume reached
~25 mm3, the mice were randomized into the different treatment groups (n = 8 per group), which were injected
intravenously with: (1) saline; (2) BSA-PLGA NPs (115 mg kg−1); (3) free Dox (2 mg kg−1); (4) Dox-TPP loaded
BSA-PLGA NPs (115 mg kg−1, with the loading capacity of Dox-TPP at 1.8 wt%); (5) Dox-TPP loaded
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ATRAM-BSA-PLGA NPs (115 mg kg−1, with the loading capacity of Dox-TPP at 1.8 wt%). Injections were
done every 3 days for a total of 10 doses, with the first day of treatment defined as day 0. (c) Body weight
changes of 4T1 tumor-bearing mice following 30 days of treatment with saline, drug-free BSA-PLGA NPs, free
Dox or Dox-TPP loaded BSA-PLGA or ATRAMBSA-PLGA NPs (n = 6). (d) Tumor volume growth curves for
the different treatment groups over 30 days of treatment (n = 8 per group). (e, f) Tumor mass analysis for the
different treatment groups. After 30 days of treatment, four mice per treatment group were sacrificed and the
tumor tissues were isolated and imaged (e) and subsequently weighed to determine the tumor mass (f). (g) H&Estained images of tumor sections from the different treatment groups following 30 days of treatment. Images on
the right are magnified views of the boxed regions in the images on the left. Scale bar = 50 μm. (h) Survival
curves for the saline, free Dox and Dox-TPP loaded ATRAM-BSA-PLGA NPs treatment groups (n = 4 per
group) over 90 days. *P < 0.05, **P < 0.01, ***P < 0.001 or non-significant (ns, P > 0.05) for comparison with
controls and amongst the different treatment groups.

Fig. 19: Histological analysis of vital organs following treatment with Dox-TPP loaded ATRAM-BSAPLGA NPs. H&E staining of lung, liver, spleen, heart and kidney sections from 4T1 tumor-bearing mice after
30 days of treatment with saline, BSA-PLGA NPs, Dox or Dox-TPP loaded BSA-PLGA or ATRAM-BSAPLGA NPs. Scale bar = 50 μm.

2.4. Conclusion
In summary, these findings underline the potential of ATRAM-functionalized high stability
nanocarriers as a promising targeted drug delivery platform for cancer therapy (Palanikumar, AlHosani et al. 2020). This is attributed to the NPs depicting highly efficient pH-dependent cellular
uptake by both energy-independent and -dependent mechanisms, endosomal escape of the payload,
and cytotoxicity in a wide range of cancer cell lines. Additionally, ATRAM-BSA-PLGA NPs had
better pharmacokinetics in comparison to other NP formulations, effectively reduced tumor growth
and prolonged survival, while exhibiting no toxicity to healthy tissue (Palanikumar, Al-Hosani et
al. 2020).
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Chapter III. Low pH-responsive upconversion mesoporous silica
nanoparticles leads to targeted photothermal and photodynamic
cancer therapy
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3.1. Introduction
Given that conventional chemotherapeutics suffer from a number of limitations (Pourjavadi, Amin
et al. 2018), there has been considerable attention directed towards developing alternative,
effective therapeutic approaches that selectively target the loaded cargo to the tumor (Hoshyar,
Gray et al. 2016, Shi, Kantoff et al. 2017). PTT (photothermal therapy) and PDT (photodynamic
therapy) have been regarded as promising alternative methods for the treatment of a broad range
of diseases, including cancer, owing to their non-invasive nature and high efficiency (Liang, Jin et
al. 2020). Compared with conventional chemotherapy, PTT employs photothermal agents to
convert light energy (NIR laser) into heat that is sufficient to induce cellular hyperthermia, whereas
PDT involves activating photosensitizer (PS) molecules using laser irradiation of an appropriate
wavelength, thereby generating cytotoxic ROS and destroying the cancerous area (Moorthy,
Hoang et al. 2018, Liang, Jin et al. 2020).

Among the PS molecules used for PDT, chlorin e6 (Ce6) has been widely used in cancer
therapy and bioimaging due to higher singlet oxygen yield and NIR luminescence (Liang, Jin et
al. 2020). Although light-based therapies offer several advantages for cancer therapy, such as
minimal toxicity on normal cells, high penetration depth and improved selectivity, the use of PDT
therapy in a clinical setting has been limited due to certain drawbacks associated with the systemic
administration of PS molecules (Liu, Ma et al. 2017). These include poor solubility as many are
highly hydrophobic, rapid degradation and clearance in blood circulation, as well as low tumor
selectivity (Liu, Ma et al. 2017). PS molecules can also undergo self-aggregation in aqueous
solution, which can reduce their fluorescence quantum yield, triplet state and singlet oxygen
generation, thus attenuating the photosensitizing efficacy of the molecule (Shirmanova, Gavrina
et al. 2014). Additionally, studies have reported that using either PDT or PTT alone is insufficient
to completely ablate tumors and often leads to the recurrence of tumors (Liang, Jin et al. 2020);
since most PS molecules require the use of oxygen to generate toxic ROS, the low level of oxygen
availability in the tumor hypoxic microenvironment can greatly impair the effect of PDT (Zhou,
Song et al. 2016). In light of this, combining PDT with PTT can enable a complementary
synergistic effect in cancer; the heating provided from PTT can enhance the intracellular
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accumulation of the PS molecule and increase the oxygen concentration in the target area by
improving local blood flow (Khlebtsov, Panfilova et al. 2011, Han and Choi 2021). Moreover,
since an overexpression of heat shock proteins can take place at high temperatures, which can
cause resistance to PTT, the ROS produced during PDT can inhibit these heat shock proteins,
thereby interfering with cancer cells protecting themselves (Han and Choi 2021).

The limitations associated with using PDT and PTT alone for cancer therapy prompted the
development of a wide range of nanocarriers for the safer and more effective delivery of PS
molecules and to enhance the therapeutic outcome by carrying out simultaneous PDT/PTT
treatment (Sozmen, Kucukoflaz et al. 2021). Indeed, NPs have been reported to effectively
incorporate PS molecules and can be designed as stimuli-responsive systems, which can be used
in combination with PDT and PTT; this entails releasing the PS molecule into target cells and
tissues when exposed to a stimulus, such as light, pH and temperature (Liu, Ma et al. 2017).
Additionally, rapid progress in the field of nanotechnology has focused on designing theranostic
nanoplatforms that integrate imaging and therapy into a single system in order to yield a higher
therapeutic effect while reducing adverse side-effects (Hameed, Bhattarai et al. 2018). Real-time
imaging could provide information on the tumor’s location and size as well as biodistribution of
the nanocomposites, which is necessary for diagnosis and therapy (Moorthy, Hoang et al. 2018).
As a result, the NPs could be easily visualized at a specific site and then trigger the release of the
loaded cargo by external stimuli. Yet, to date, very few of these nanocarriers for PS delivery have
reached the clinical trial stage as NPs suffer from targeting inefficiency (Nakamura, Mochida et
al. 2016) and being entrapped in endocytic or lysosomal compartments, thereby causing the loaded
cargo to either undergo exocytosis via recycling endosomes, or degradation in lysosomes
(McErlean, McCrudden et al. 2015). In light of this, there is a growing body of research focused
on pH-sensitive peptides that target the typically mildly acidic microenvironments of tumors (pH
6.5), promote deep tumor penetration and escape from acidic endocytic components (Hunt, Rath
et al. 1997, An, Wijesinghe et al. 2010).
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Mesoporous silica NPs (MSNs) are considered promising candidates for PS delivery owing
to their unique physicochemical properties, including large surface area, high mesopore volume as
well as thermal and chemical stability (Li, Wang et al. 2019). Moreover, studies have shown that
MSNs can be designed as multifunctional drug delivery systems (e.g., imaging probes and
controlled drug release vehicles) due to their facile surface modification (Dai, Zhang et al. 2015).
However, these NPs have been reported to suffer from a number of limitations, such as low
colloidal stability and aggregation during circulation owing to the formation of the protein corona,
all of which severely limit their circulation lifetime and cancer cell uptake efficiency (Li, Wang et
al. 2019). The most common method for improving MSN colloidal stability and drug retention is
to install nanovalves and gatekeepers utilizing organic and inorganic materials to seal the pores of
the MSNs (Wen, Yang et al. 2017). However, the complex synthesis involved in this process may
result in aggregation of the loaded drugs during the self-assembly process, which leads to
attenuation of the therapeutic efficacy of the system (Watermann and Brieger 2017). Additionally,
MSNs suffer from slow degradation and metabolism, limiting their clinical application (Li, Wang
et al. 2019). As a result, biocompatible macromolecules and/or polymers can be utilized instead as
gatekeepers of MSNs to improve their biocompatibility, stabilize the system and prolong blood
circulation (Dai, Zhang et al. 2015).
Inspired by recent studies on all-in-one nanoplatforms and the ability of ATRAM to
enhance the targeting and internalization of coupled NPs, the aim of this chapter was to address
the aforementioned issues by designing multifunctional drug delivery nanocarriers that would
exhibit highly efficient pH-dependent cellular uptake, release the cargo intracellularly upon
exposure to light, and induce cytotoxicity in cancer cells through combinational PDT/PTT upon
single laser irradiation. Upconversion mesoporous silica nanospheres (UMSNs) were created by
initially forming NaYF4:Yb3+:Er3+ nanocrystals containing gadolinium (Gd3+) in order to allow the
system to be used for bioimaging. A thin layer of bismuth selenide (Bi2Se3), which has excellent
photothermal conversion capabilities, was also incorporated on the nanocrystals followed by the
addition of another layer of silica to form a core/shell nanostructure. Ce6 was inserted into the
mesoporous silica pores of the UMSNs and the surface of the NPs was ‘wrapped’ with DSPEPEG-MAL (a liposomal layer containing maleimide) to ensure retention of Ce6 within the pores
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of the UMSNs, reduce opsonization of the NPs and simultaneously allow conjugation of the
ATRAM peptide to the NP surface through the maleimide linker located on the PEG. The targeting
capability and potent anticancer activity of the NPs was initially investigated by cellular uptake
and cytotoxicity assays in vitro. Moreover, Ce6 release, temperature change of the NPs and singlet
oxygen production in the presence of laser irradiation were assessed to determine whether the NPs
can induce PTT and PDT effects. This was followed by assessing the pharmacokinetics and
biodistribution of the NPs as well their antitumor efficacy under laser radiation in vivo.
3.2. Experimental procedures
3.2.1 Materials
1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), cholesterol, DSPE-PEG (2000)-maleimide
were purchased from Avanti Polar Lipids Inc (Alabaster, AL). The N-capped ATRAM peptide
was obtained from Selleck Chemical (Houston, TX) using standard Fmoc methods. Acetone,
ammonium

fluoride

(NaF,

99.99%),

Bi(NO3)3•5H2O,

chloroform

(99.8%),

cetyl

trimethylammonium bromide (CTAB), Dulbecco’s modified eagle’s MEM medium (DMEM),
ethanol, ErCl3•6H2O, fetal bovine serum (FBS), GdCl3.6H2O, octadecyltrimethoxysilane (OTMS),
oleic acid (90%), penicillin-streptomycin, phosphate buffered saline (PBS), polyvinylpyrrolidone
(PVP), RPMI-1640, selenium, sodium hydroxide (NaCl, 99%), dihydroethidium (DHEB),
tetramethylrhodamine, methyl ester (TMRM), sodium borohydrate (NaBH4), tetraethyl
orthosilicate (TEOS), YCl3•6H2O, YbCl3•6H2O, were purchased from Sigma Aldrich, Burlington,
MA, United States. All further chemical reagents used in experiments were directly used without
any further purification. For the experiments double distilled water was used. CellTiter 96
AQueous One Solution (MTS) Cell Proliferation Assay was from Promega (Madison, WI).
3.2.2 Synthesis of NaYF4:Yb3+:Gd3+:Er3+ core NPs
The core NPs were synthesized according to a previously reported procedure (Zargar, Hartanto et
al. 2016) in which a hydrothermal synthesis method was used with oleic acid as a capping agent.
YCl3•6H2O (0.695 mmol), YbCl3•6H2O (0.3 mmol), GdCl3•6H2O (0.61 mmol), ErCl3•6H2O
(0.005 mmol), oleic acid (6 mL) and 1-octadecene (15 mL) were added to a three-neck roundbottom flask. Under nitrogen atmosphere, the mixture was heated to 160 °C under magnetic
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stirring and kept for 90 min. Then the mixture was cooled down to 50 °C followed by the addition
of a mixed solution containing methanol (10 mL), ammonium fluoride (4 mmol) and sodium
hydroxide (2.5 mmol), which was stirred at 50 °C for 30 min. After methanol evaporation, the
solution was heated to 300 °C and maintained for 60 min. The mixture was cooled down to room
temperature after the reaction was complete, followed by the addition of 50 mL ethanol. The
synthesized core NPs were isolated by centrifugation and washed 3 times by ethanol. The particles
were finally dispersed in 10 mL cyclohexane.
The hydrophobic core NPs were converted into aqueous phase by removing the oleic acid
via a previously reported acid-induced technique (Bala, Swami et al. 2005). Typically, the dried
core NPs were redispersed in a mixture of HCl (2 M) and absolute ethanol (1:1, v/v) and placed in
an ultrasonic bath sonicator with a frequency of 40 kHz at 55 °C for 5.5 h. The oleic acid-free NPs
were subsequently collected by centrifugation, washed several times with ethanol, and dispersed
in water (4 mL) for subsequent conjugation with bismuth selenium (Bi2Se3). The core NPs coated
with Bi2Se3 were then synthesized by a ligand-free technique (Stavila, Whitmire et al. 2009).
Initially, the colorless selenium precursor was synthesized by thoroughly reducing selenium
powder by using an aqueous solution of NaBH4 under an atmosphere of N2 at ambient temperature.
Mannitol was pre-dissolved in water (10 mL) and then an aqueous solution of ligand-free core
nanoparticles (2 mL, 20 mg), Bi(NO3)3•5H2O (0.1 g), and PVP (0.1 g) were sequentially added.
After mixing homogenously, the pre-synthesized selenium precursor (0.3 mmol) was added to the
mixture. After 8 h of continuous stirring, the core-Bi2Se3 NPs were collected by centrifugation,
washed three times with water and dispersed in milli-Q water for further use.
3.2.3 Synthesis of mesoporous silica-coated core-Bi2Se3/shell NPs (UMSNs)
UMSNs were prepared using a previously reported technique (Ma, Huang et al. 2015). In detail,
cyclohexane (50 mL), igepal CO-520 (0.8 mL) and core-Bi2Se3 nanocrystal (powder) were added
to a 250 mL round neck flask. To this mixture, 1.0 mL of ammonia (28 wt%) was added and placed
in an ultrasonic bath sonicator with a frequency of 40 kHz for a period of 30 min until a transparent
emulsion was obtained. To this solution, 200 µL of TEOS and 80 µL of OTMS were added under
continuous stirring for a period of 48 h under room temperature. The UMSNs were then collected
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by centrifugation at 4000 x g under precipitation with acetone followed by washing thrice with
absolute ethanol and drying at 60 °C for 12 h. The synthesized samples were then refluxed under
methanol: HCl mixture to remove the surfactants and vacuum dried.
3.2.4 Ce6 loading in UMSNs and coating of lipid layers
Around 5 mg of UMSNs were added to 0.8 mL of dimethyl sulfoxide (DMSO) and sonicated to
disperse the particles until a uniform colloidal solution was obtained and transferred to an amber
container. To this, varying concentrations of Ce6 dissolved in DMSO were added and allowed to
stir for a period of 48 h at room temperature. Then, the dispersion was centrifuged at 8000 x g to
collect the Ce6-UMSNs followed by collecting the supernatant to calculate the drug loading
content. In order to remove the DMSO, the drug-loaded NPs were vacuum dried, washed thrice
with milli-Q water to remove any residual DMSO and lyophilized for further use. The mass of the
Ce6 loaded into the UMSNs was calculated from the supernatant and washed supernatant solution
by using the molar extinction coefficient 55,000 cm-1 M-1 at 665 nm (Bastien, Schneider et al.
2015). Then, the Ce6-loaded NPs were collected by centrifugation at 10,000 x g and the obtained
pellet was pre-suspended in 3 mL of saline by 30 s sonication. The loading capacity and
encapsulation efficiency were calculated using the following equation:

Loading capacity (%) = mg of Ce6/mg of UMSNs x 100

Encapsulation efficiency (%) - mg of Ce6/feeding mg of Ce6 x 100

Then, the suspension was immediately added on top of the coated lipid film that consisted
of DSPC/cholesterol/DSPE-PEG2000 at a molar ratio of 76.5: 20: 3.5. The UMSNs and lipid ratio
was set at 1:1.2 (weight/weight ratio). This was followed by the addition of drug-loaded NPs in 3
mL of saline solution in which the probe sonication was performed for 20 min by setting the cycle
at 15/15 s “on-off” working cycle at a power output of 30 W. Then the lipid-coated NPs were
separated from free lipids by centrifugation at 10,000 x g followed by washing twice in saline and
water. Moreover, the Ce6-loaded lipid bilayer coated UMSNs (LUMSNs) were prepared by
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dispersing the Ce6-loaded NPs in saline solution, followed by the addition of the coated lipid film,
rehydration, sonication, centrifugation and washing similar to the above-described method.
3.2.5 Synthesis of DSPE-PEG2000-ATRAM and conjugation to UMSNs (ALUMSNs)
DSPE-PEG2000-ATRAM was synthesized by the covalent conjugation of DSPE-PEG2000maleimide with the single cysteine residue at the N-terminus of ATRAM (Kocbek, Obermajer et
al. 2007). In a typical coupling reaction, 600 nmol of ATRAM peptide was mixed with 500 nmol
of DSPE-PEG2000-maleimide in 200 µL of methanol and left for overnight stirring at room
temperature under nitrogen atmosphere. The existence of the product was ensured by LC-MS
analysis.
The conjugation of ATRAM to the Ce6-loaded NPs was performed using the abovementioned lipid layer coating technique. The PS sensitizers loaded NPs were pre-suspended in 3
mL of saline by 30 s sonication. Then the suspension was immediately added on top of the coated
lipid film that consisted of DPPC/cholesterol/DSPE-PEG2000-ATRAM at a molar ratio of
76.5:20:3.5. The UMSNs and lipid ratio was set at 1:1.2 (weight/weight ratio). This was followed
by the addition of drug-loaded NPs in 3 mL of saline solution in which the probe sonication was
performed for 20 min by setting the cycle at 15/15 s “on-off” working cycle at a power output of
30 W. Then, the lipid-coated NPs and free lipids were separated by centrifugation at 10,000 x g
followed by washing twice in saline and water.
3.2.6 Physicochemical characterization
All NPs used in this study were extensively characterized for their size, shape and surface charge.
Particle size and zeta potential were measured by the Zetasizer (Malvern Instrument, UK). The
measurements were performed with the NPs suspended in water, PBS, acetate buffer and cell
culture media containing 10 % FBS at a particle concentration of 100 µg mL-1. The shape and
structure of the synthesized NPs were characterized using TEM (ThermoFischer Talos F200X)
with the help of L. Palanikumar. The microfilms were made by placing a drop of the respective
NP suspension onto a 300-mesh copper TEM grid (Ted Pella, CA) and then drying at room
temperature for 2 h. The porous and textural properties of the NPs were analyzed using a nitrogen
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sorption analyzer (Micrometrics-3Flux) operated at -196 °C. The specific surface area of the
samples was calculated by using the Brunauer–Emmett–Teller (BET) equation (Naderi 2015). The
drug loading capacity of each carrier was determined according to a previously published method
(Day, Sweetman et al. 2021). Briefly, the amount of non-encapsulated photosensitizer Ce6 was
calculated from the supernatant along with washed solvents. The drug loading capacity was
defined as LC = [ the total amount of drug/PS – non-encapsulated drug/PS]/ the total mass of the
NP x 100 %. The molar extinction coefficient of Ce6, which is 55,000 M-1 cm-1 at 665 nm (Bastien,
Schneider et al. 2015), was used to calculate the drug concentration.
3.2.7 Ce6 release kinetics profile of Ce6-LUMSNs

The drug release kinetics for the Ce6-loaded NPs in the presence and absence of the liposomal
layer were initially investigated without laser irradiation. To measure the light triggered release of
Ce6, the Ce6-LUMSNs were divided into the following groups: (a) Ce6-LUMSNs with no
irradiation (b) Ce6-LUMSNs at varying laser power (0, 0.5, 1.0 and 1.5 W/cm2) for 1.0 min
irradiation at the 3 h time point (c) Ce6-LUMSNs at varying laser power (0, 0.5, 1.0 and 1.5
W/cm2) for 3.0 min irradiation at the 3 h time point and (d) Ce6-LUMSNs at varying laser power
(0, 0.5, 1.0 and 1.5 W/cm2) for 10 min irradiation at the 3 h time point and (e) Ce6-LUMSNs at
varying laser power (0, 0.5, 1.0 and 1.5 W/cm2) and time (1.0, 2.0, 4.0 and 8.0 min) after 2, 6 and
16 h of release experiment. The amount of Ce6 released from the NPs was determined according
to the UV-Vis adsorption of Ce6 at 665 nm (Bastien, Schneider et al. 2015) in the supernatant.

3.2.8 Cell culture
Murine breast cancer 4T1 cells and human monocytic leukemia THP-1 cells were purchased from
ATCC. Prior to use, the cells were authenticated and tested for mycoplasma contamination by
Charles River Laboratories (Margate, United Kingdom). Both cell lines (ATCC no. CRL-2539 and
no. TIB-202) were cultured in RPMI 1640 medium (Sigma Aldrich, USA) supplemented with 10%
FBS (GE Healthcare Life Sciences, Logan, UT), 4 mM L-glutamine, 1 mM sodium pyruvate, 50
units mL-1 penicillin and 50 µg mL-1 streptomycin (all from Sigma), in 5% CO2 at 37 °C.
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Moreover, THP-1 cells were differentiated into a macrophage-like phenotype by incubating them
with 10 ng mL−1 PMA in complete medium for 72 h in 5% CO2 at 37 °C.

3.2.9 Intracellular imaging
Intracellular imaging was done according to a previously published protocol (Woldetsadik, Vogel
et al. 2017). Briefly, 4T1 cells were seeded at a density of 2 × 105 cells/well in 500 μL complete
medium in 4-chambered 35 mm glass bottom Cellview cell culture dishes (Greiner Bio-One,
Monroe, NC). By serial passages, some cells were adapted for growth in the low pH medium. The
pH 6.5 medium was prepared by mixing 13.5 g of dry RPMI 1640 powder with 0.2 g (or 0.1 g) of
sodium bicarbonate in 1 L of deionized water, sterilized and used. The 4T1 cells adapted for low
pH medium and grown to 85-90 % confluence on 4-well chamber slides (GmBH, Germany) were
incubated in serum-free RPMI 1640 medium (pH 6.5) containing 0.5 µg mL-1 of Ce6-ALUMSNs
(peptide labeled with FITC) at 37 °C under 5% CO2 for 3 h. 4T1 cells were also incubated with
fresh pH 7.4 medium containing 0.5 µg mL−1 of Ce6-ALUMSNs (peptide labeled with FITC) for
3 h. Moreover, 4T1 cells incubated with medium containing 0.5 µg mL−1 of Ce6-ALUMSNs in the
presence and absence of light irradiation was carried out. Thirty minutes prior to imaging, the
medium was replaced with fresh medium containing DAPI, calcein and PI. Finally, immediately
prior to imaging, the medium was once again replaced with fresh medium to remove any
extracellular markers. The cells were imaged under the Olympus FV1000 confocal laser scanning
microscope to capture the images. Imaging was done on an Olympus Fluoview FV-1000 confocal
laser scanning microscope, using a 63× Plan-Apo/1.3 NA oil immersion objective with DIC
capability. Image processing was done using the Fiji image processing software (Schindelin,
Arganda-Carreras et al. 2012).

3.2.10 Quantification of cellular uptake
Cellular uptake of the ALUMSNs at pH 7.4 or 6.5 was measured using a previously published
flow cytometry assay (Woldetsadik, Vogel et al. 2017). Briefly, 4T1 cells were seeded at a density
of 1 x 106 cells/well in 2 mL complete medium in 6-well plates. After culturing for 24 h, the cells
103

were washed with PBS at 37 °C and the medium was replaced with fresh medium (pH 7.4 or 6.5)
containing 0.5 g mL-1 of Ce6-ALUMSNs. After 1.5-3 h of incubation with the NPs at 37 °C, the
cells were washed three times with ice-cold PBS to remove the extracellular NPs, and then treated
with trypsin-EDTA for 5 min to detach the cells. Finally, the cells were centrifuged (1000 × g for
5 min at 4 °C) and re-suspended in 500 µL ice-cold PBS with 10% FBS. Data collection (10,000
cells/sample, gated on live cells by forward/side scatter and PI exclusion, λex/em = 535/617 nm) was
done immediately afterwards on a BD FACSAria III cell sorter (BD Biosciences, San Jose, CA),
and analysis was performed using the BD FACSDiva software.
To determine the cellular uptake pathway for the Ce6-ALUMSNs, 4T1 cells were
pretreated for 1 h at 37 °C with 10 mM sodium azide/6 mM 2-deoxy-D-glucose in serum- and
glucose-free RPMI, or pretreated for 30 min at 37 °C with the endocytosis inhibitors. After the
addition of 0.5 µg mL-1 Ce6-ALUMSNs, the cells were maintained in the presence of inhibitors at
37 °C (10 µM chlorpromazine; 5 mM methyl-β-cyclodextrin; 5 µM filipin; or 5 µM amiloride).
Thereafter, the cells were washed three times with ice-cold PBS, trypsinized, centrifuged and resuspended in 500 µL ice-cold PBS with 10% FBS, and fluorescence was measured by flow
cytometry. Cells treated with NPs without inhibitors at 37 °C were used as control, and cells treated
with vehicle alone served as background. The uptake efficiency was determined from the ratio of
fluorescence of cells treated with NPs under different inhibition conditions to the control cells.
3.2.11 Temperature evaluation induced by NIR irradiation
The temperature evaluation of Ce6-LUMSNs (150 µg mL-1), saline and free Ce6 was investigated
by dispersing them in 0.5 mL of PBS in a quartz cell. The cells were placed at a center of a laser
point and continuously irradiated with a diode NIR laser (980 nm) at an energy level of 1.0 W/cm2
for up to 600 seconds. Additionally, variations in temperature of the Ce6-LUMSNs was
investigated with a series of different concentrations of the NPs (10, 25, 75, 150 and 200 µg mL1

) in the absence and presence of irradiation at varying laser power (0.5 W/cm2, 1.0 W/cm2 and 1.5

W/cm2), as well as during laser irradiation with five heating/cooling cycles (150 µg mL-1, 1.5
W/cm2). The temperature increase was then monitored periodically using an infrared camera
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(Optris PI-160 Optris GmBH, Germany) and the thermal images were analyzed by the instrument
software.
3.2.12 Analysis of ROS generation and mitochondrial membrane potential
Singlet oxygen generation was analyzed using the singlet oxygen sensor green (SOSG) detection
method. A 2.5 μM solution of SOSG was mixed with free Ce6, Ce6-UMSNs, Ce6-LUMSNs and
saline (control) followed by irradiation with a 980 nm laser (1.0 W/cm2) at different time points.
The generation of singlet oxygen was determined by measuring the recovered fluorescence of
SOSG (λex = 494 nm). 4T1 cells were also seeded on 4-well chamber coverslips at 85% confluence
in RPMI 1640 supplemented with 10 % FBS, 50 units mL-1 penicillin and 50 µg mL-1
streptomycin, and incubated at 37 C under 5 % CO2. Subsequently, the cells were incubated with
Ce6-ALUMSNs at 0.5 g mL-1 concentration of Ce6 for 3 h and exposed to laser irradiation for
1.5 W/cm2 for 3 min. This was followed by the addition of 200 nM of TMRM for 30 min followed
by replacement with fresh media. Confocal microscope images were recorded using the FV1000
laser confocal scanning microscope after 3 h. Similarly, the DHEB assay was performed to
evaluate ROS-related cytotoxicity by following the manufacturer’s protocol (Santa Cruz, SC204724A). Then, the cells were imaged under the confocal microscope.
3.2.13 Cell viability/toxicity assays
Cell viability/toxicity was measured using two complementary assays as previously published:
(Woldetsadik, Vogel et al. 2017) (i) CellTiter 96 AQueous One Solution (MTS) assay (Barltrop,
Owen et al. 1991, Berridge, Tan et al. 1993) and (ii) Dead Cell Apoptosis assay (Elmore 2007).
Cells were seeded at a seeding density of 5 x 103 cells/well in 100 μL complete medium in standard
96-well plates. After culturing for 24 h, the medium was replaced with fresh medium (pH 6.5)
containing ALUMSNs loaded with 0.05-5 µg mL-1 Ce6 and incubated for 48 h at 37 °C. At 12 h,
the cells were exposed to varying laser irradiation (0.5 W/cm2, 1.0 W/cm2 and 1.5 W/cm2) for 3.0
and 5.0 min. Similarly, the biocompatibility of the UMSNs and LUMSNs (5-100 µg mL−1 at pH
7.4) and of Ce6-ALUMSNs (0.05–5 µg mL−1 at pH 6.5 and pH 7.4) in the absence of light were
analyzed for 24h. Thereafter, the medium was replaced with fresh medium, and 20 µL MTS
reagent was added to each well. The MTS reagent was incubated for 4 h at 37 °C, and absorbance
105

of the soluble formazan product (λ = 490 nm) of MTS reduction was measured on a BioTek
Synergy H1MF Multi-Mode Microplate-Reader, with a reference wavelength of 650 nm to
subtract background. Wells treated with peptide-free carrier were used as control, and wells with
medium alone served as a blank. MTS reduction was determined from the ratio of the absorbance
of the treated wells to the control wells.
For the Dead Cell Apoptosis assay, 4T1 cells were treated with ALUMSNs (loaded with
0.5 µg mL−1 Ce6) for 12 h at pH 6.5 with varying laser irradiation (0.5 W/cm2, 1.0 W/cm2 and 1.5
W/cm2). Subsequently, the cells were washed with ice-cold PBS, harvested by trypsinization,
centrifuged and re-suspended in 1 × annexin-binding buffer (10 mM HEPES, 140 mM NaCl,
2.5 mM CaCl2, pH 7.4) to a density of ~1 × 106 cells per mL. The cells were then stained with 5 µL
Alexa 488-conjugated annexin V and 1 µg mL-1 PI for 15 min at room temperature. Immediately
afterwards, fluorescence was measured using flow cytometry, and the fractions of live (annexin
V−/PI−), early and late apoptotic (annexin V+/PI− and annexin V+/PI+, respectively), and necrotic
(annexin V−/PI+) cells were determined.

3.2.14 Inflammatory cytokine assay
The release of inflammatory cytokines, TNF-α and IL-1β, by macrophages/monocytes once
exposed to NPs was assessed. Differentiated THP-1 cells were seeded at a density of
2 × 104 cells/well in 100 μL complete medium in standard 96-well plates. After culturing for 24 h,
the medium was replaced with medium containing free Ce6, UMSNs and Ce6-ALUMSNs for 24 h
at pH 7.4. Cells treated with the macrophage activator LPS (Meng and Lowell 1997) were used as
a positive control ( 20 ng mL-1), while untreated cells served as a negative control. Thereafter, the
cell culture medium was assayed for secretion of TNF-α and IL-1β using commercial ELISA kits.
The total TNF-α and IL-1β levels were determined from the absorbance (λ = 450 nm) measured on
a BioTek Synergy H1MF Multi-Mode Microplate-Reader using a standard TNF-α concentration
calibration curve.
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3.2.15 Pharmacokinetics and in vivo MR tumor imaging
All animal experiments were approved by the NYU Abu Dhabi Institutional Animal Care and Use
Committee (NYUAD-IACUC; Protocol No. 18-0001), and were carried out in accordance with
the Guide for Care and Use of Laboratory Animals (Council 2010). Moreover, the in vivo studies
for these NPs were conducted by L. Palanikumar. Female C3H/HeJ mice (The Jackson Laboratory,
Bar Harbor, ME) were bred in-house by the NYU Abu Dhabi Vivarium Facility in a 12 h light/dark
schedule.
For pharmacokinetics and biodistribution of Ce6, 5 × 106 viable breast cancer 4T1 cells
(ATCC no. CRL-2539) were injected subcutaneously into the right flank of each mouse at age 6–
8 weeks. Mice were assessed daily for overt signs of toxicity. Tumor volume was measured via
high-precision calipers (Thermo Fisher) using the following formula:
Tumor volume(mm3) = (W2×L)/2
where W and L are tumor width and length in mm, respectively (Bowerman, Byrne et al. 2017).
Mice were euthanized once tumor volume approached burden defined by NYUAD-IACUC.
Once the tumor volume reached 75 mm3, the concentration of Ce6 in the plasma of mice
treated with Ce6 and Ce6-ALUMSNs was quantified. Following intravenous injection with one
dose of Ce6 (2.5 mg kg-1) or Ce6-ALUMSNs (2.5 mg kg-1), blood was drawn at different time
points over 48 h. Blood was collected via terminal cardiac puncture using K3-EDTA as an
anticoagulant under CO2 anesthesia and processed for plasma by centrifugation (1500 ×g for 5
min). Thereafter, the fluorescence intensities of Ce6 in the samples were measured. To assess the
biodistribution of Ce6 in tumor tissue sections, mice (n = 6 per group) intravenously injected with
Ce6, Ce6-UMSNs, Ce6-LUMSNs and Ce6-ALUMSNs (2.5 mg kg-1 Ce6) were sacrificed at 6 h
post injection and the tissues were placed in cryopreservation vials and preserved by snap freezing
using liquid nitrogen. Tissues were stored at −80 °C until analysis by LC–MS/MS.
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For in vivo magnetic resonance (MR) imaging studies, once the tumor volume reached 75
mm3, mice were randomly grouped into five groups (n = 3): saline, Ce6-UMSNs, Ce6-LUMSNs
or Ce6-ALUMSNs with an equivalent Ce6 dose of 2.5 mg kg−1. At 6 h post injection, the tumors
were dissected and T1 – weighted MR imaging studies were carried out with a 3.0 T MRI scanner
(Magnetom Prisma, Siemens Healthiness, Germany) using a spin echo pulse sequence with 10
variable repetitions times (TR) from 150 ms to 10 seconds.

3.2.16 Biodistribution analysis of silica by ICP–MS
At the end of the experiment, the silica content in the urine and feces was determined by ICP–MS
against common standards (ICP–MS, Agilent, US).
3.2.17 In vivo tumor inhibition studies
For tumor inhibition studies, 5 × 106 viable breast cancer 4T1 cells (ATCC no. CRL-2539) were
injected subcutaneously into the right flank of each mouse at age 6–8 weeks. Once the tumor
volume reached 75 mm3, the mice were randomized into six groups (n = 4) which were injected
intravenously (once every 2 days, for a total of 15 doses) with: saline/PBS, UMSNs, Ce6, Ce6LUMSNs, or Ce6-ALUMSNs in the presence and absence of irradiation. Body weight and tumor
volume were recorded every 2 days, and survival (n = 4 per group) was monitored for a total of 60
days. After the 30 days of treatment, four mice per treatment group were sacrificed and the tumor
tissues were isolated to determine the tumor mass.

In order to visualize the phenotypic changes during laser induction, IHC analysis was
performed. Tumors collected after 30 days of treatment were fixed using the 10% formalin
followed by paraffin embedding. Embedded sections were sectioned using the microtome to 4 μm
thickness and mounted on glass slides, followed by a series of IHC staining procedures and
standardized protocols. In brief, the slides were deparaffinized, incubated in 3% methanolhydrogen peroxide mixtures, followed by the treatment with 10 mM EDTA (pH 8.0) at 95 °C.
Then the slides were cooled down to room temperature, rinsed with PBS containing 0.05 % tween20 (PBST). Then they were incubated with individual primary antibodies for 1 h. The slides were
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rinsed with PBST and incubated with appropriate HRP-conjugated secondary antibodies at room
temperature for 30 min. Then the slides were counterstained with H&E using standard procedures
(Li, Li et al. 2018), dehydrated in ethanol, mounted with DPX mountant, and finally analyzed
under the microscope. A histological analysis was also carried out for vital organs, which were
dehydrated with 95% ethanol twice for 30 min, and then soaked in xylene for 1 h at 60–70 °C
followed by paraffin for 12 h. The paraffin embedded tissues were sectioned into 7-μm slices,
dewaxed on microscope slides, and finally stained with H&E using standard procedures (Li, Li et
al. 2018). The tissue sections were imaged on a NIKON LV-Dia Metallurgical Microscope.

3.2.18 Statistical analysis
For in vitro studies, all parts of the experiments were blinded (treatment, data acquisition and data
analysis). For in vivo studies, power calculation was used to select sample sizes from the NYU
Abu Dhabi Institutional Animal Care and Use Committee (NYUAD-IACUC) Protocol (Protocol
No. 18-0001). Confidence intervals in this work represent the standard deviation across at least
three biological replicates (i.e., n ≥ 3). Statistical analysis was performed using the Prism 7.0
software (GraphPad Software, Inc., La Jolla, CA, USA). Statistical significance between two
groups was assessed by an unpaired t-test, and among three or more groups by two-way analysis
of variance (ANOVA) followed by Tukey’s post hoc test. P < 0.05 was considered to be
statistically significant.
3.3 Results and discussion
3.3.1 Preparation and characterization of UMSNs, LUMSNs, and ALUMSNs
Owing to the unique intrinsic properties of MSNs, mesoporous lipid and silica-coated
NaF4:Yb,Er,Gd,Bi,Se core-shell structured NPs with imaging capabilities and PDT and PTT
propensities were synthesized (Fig. 20a). TEM and STEM images clearly showed the formation
of uniform sphere-like NPs (Fig. 20b, c). Mesoporous silica-coated NPs were determined to have
a hydrodynamic diameter of 95 ± 10 nm (Fig. 21a). Indeed, DLS measurements also confirmed
the formation of LUMSNs as the size was observed to be 130 ± 15 nm, PDI = 0.11 ± 0.02 (Fig.
21a). This lipid bilayer coating composed of DPPC, cholesterol and DSPE-PEG2000-Mal was used
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as lipids have been employed in drug and protein delivery applications to improve the colloidal
stability and circulation time of NPs as well as their biocompatibility and controlled drug release
(Zhou, Li et al. 2017). Lipid bilayer coatings also offer an advantage in which the surface can be
easily functionalized for tissue and cell specific targeting. Moreover, the addition of
DPPC/cholesterol to the lipid bilayer can tune the temperature-dependent release behavior of the
NPs due to the decreasing melting transition temperature, which is beneficial for exerting a PTT
effect (Kirsch and Böckmann 2019). Finally, uniformly coated ALUMSNs were prepared and
confirmed by DLS (135 ± 10 nm, Fig. 21a) and zeta potential measurements (-30 mV at pH 7.4,
Fig. 21b). Zeta potential measurements showed that the NP formulations at pH 7.4 had a negative
surface charge (Fig. 21b), which is in agreement with reported zeta potential values for stable Ce6conjugated NPs at physiological pH, and suggests that the NPs are capable of evading adsorption
to negatively charged proteins during circulation (Huang, Lin et al. 2012). Moreover, it was
evident that there is an overlap between the fluorescence emission of the NaYF4:Yb/Er NPs and
the UV–vis absorption of Ce6 (Soret peak at 404 nm and Q-band at 658 nm) (Fig. 20d, e). Thus,
under laser irradiation, the visible fluorescence emission from the upconverting NPs will be
absorbed by the Ce6 incorporated into the mesoporous silica pores of the UMSNs (Xu, Ding et al.
2016). This, in turn, allows the excited Ce6 molecules to interact with molecular oxygen, thereby
generating ROS (Xu, Ding et al. 2016). More importantly, the maximal absorbance peak falls
within the NIR bio-window (750–1000 nm), which is able to penetrate tissue for several
centimeters, thereby allowing the NPs to carry out a safe PTT effect on deep tissue (Liu, Xie et al.
2018).

The LUMSNs were also observed to be stable for over a period of one month (Fig. 22a).
Moreover, there was a negligible change in the hydrodynamic diameter of the NPs when placed in
different physiological solutions; indeed, the NPs maintained the same size in 10 mM PBS at pH
7.4 (180 ± 10.0 nm), cell culture medium containing RPMI (180 ± 10.0 nm) and sodium acetate
buffer solution at pH 5.5 (185 ± 15.0 nm) over 72 h (Fig. 22b, c, d). This suggests that the NPs are
able to maintain a reasonable size in circulation, which will in turn allow them to target tumors
and get taken up by cancer cells in order to release their loaded cargo.
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Fig. 20: Characterization of the synthesized MSNs. (a) Schematic illustration of the preparation process of
Ce6-ALUMSNs. (b, c) TEM (b) and STEM images (c) of the core NPs. Scale bar = 50 nm. (d, e) Fluorescence
emission spectra of UMSNs (d) and Normalized UV–vis spectra of Ce6 (e).

Fig. 21: Characterization of the various MSN formulations. (a) Size analysis for the UMSNs, LUMSNs and
ALUMSNs in 10 mM phosphate buffer at pH 7.4. (b) Zeta potential measurements for UMSNs, LUMSNs and
ALUMSNs in 10 mM phosphate buffer at pH 7.4.
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Fig. 22: Colloidal stability analysis for LUMSNs. Size analysis of LUMSNs at different intervals for a period
of 30 days (a) in 10 mM PBS at pH 7.4 (b) pH 5.5 sodium acetate buffer and (c) RPMI 1640 with 10 % FBS
(d) at 24, 48 and 72 h.

3.3.2 PS release kinetics of Ce6-LUMSNs
The practical application of NPs as drug delivery systems is often hampered by issues, such as
premature drug release during circulation and insufficient drug release at target sites (McErlean,
McCrudden et al. 2015, Nakamura, Mochida et al. 2016). Thus, in order to enhance the drug
delivery efficiency towards tumors and to reduce the side-effects of the loaded drugs towards nonspecific sites, the release process of the drugs should be more precisely controlled. Stimuliresponsive drug delivery systems have garnered considerable interest as they have been reported
to release the loaded drug under the influence of a particular stimulus (e.g., pH, temperature) (Das,
Bharadwaj et al. 2020). Among them, light-responsive nanoplatforms are very promising due to
ease and better spatiotemporal control (Liu, Ma et al. 2017). Consequently, LUMSNs were
designed that are capable of generating heat upon exposure to NIR light.
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To assess the efficacy of the designed NPs, Ce6 release from LUMSNs was investigated
under the 980 nm laser irradiation. In the absence of a stimulus, UMSNs showed a burst of the
Ce6 release in <4 h followed by a continuous release until 24 h due to the diffusion of Ce6 through
pores within the NP structure (Figure 23a). In contrast, coating the NPs with DSPE-PEG increased
their stability as they did not exhibit any stimulus-free leakage of the loaded cargo over 24 h
(Figure 23a). Hence, the PEG-coated NPs show very stable encapsulation, which is critical for
preventing premature release and ensuring that the loaded cargo reaches the target cancer cells.
Under continuous irradiation with the NIR laser at varying power densities (0, 0.5, 1.0 and 1.5
W/cm2) and time periods (1, 3 and 10 min), Ce6 was efficiently released (Fig. 23b, c, d).
Interestingly, the drug release increase was linear with the laser intensity increasing from 0.5 to
1.5 W/cm2, which indicates that the NPs exhibit a light-triggering characteristic. Moreover,
maximum release of Ce6 was achieved at 1.5 W/cm2 (75 ± 3.0 % for 10 min). Thus, when treating
cancer cells, Ce6 is released from the NPs to yield a PDT effect. The mechanism underlying this
light-triggering release is that the hyperthermia enhances the fluidity and, in turn, permeability of
lipid bilayer and thus promotes the release of the payload. The release of the Ce6 in presence of
laser irradiation by varying the laser power (0.5 W/cm2, 1.0 W/cm2 and 1.5 W/cm2) and utilizing
the switch “on-off” mechanism was also investigated (Fig. 23e, f, g and h). The Ce6 release
behavior indeed exhibited an “on-off” release feature responding to NIR laser irradiation, whereas
no significant release was found in the control group without laser irradiation.
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Fig. 23: On demand/triggered drug release profile analysis. (a) Stimulus-free Ce6 release profile for UMSNs
and LUMSNs, to signify the importance of lipid membrane coating over the surface of UMSNs (n = 3). (b-d)
Triggered release of Ce6 at selective irradiation power (0, 0.5, 1.0 and 1.5 W/cm2) after 3h of irradiation for a
period of 1.0 min (b), 3 min (c) and 10 min (n = 3) (d). (e-h) On demand drug release profile analysis in the
presence (ON) and absence (OFF) of light irradiation at varying laser power for 1.0 min (e), 2.0 min (f), 4.0 min
(g) and 8.0 min (h) after 2 h, 6 h and 16 h (n = 3). The varying laser power was set at 0, 0.5, 1.0 and 1.5 W/cm2
at 980 nm. ** P < 0.01 for comparing the UMSNs and LUMSNs.
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3.3.3 Cellular uptake of ALUMSNs
To exert a PDT/PTT effect, Ce6-ALUMSNs must be initially internalized by cancer cells. The
cellular uptake in cancer cells was investigated by confocal microscopy and flow cytometry once
4T1 cells were incubated with Ce6-ALUMSNs (Fig. 24). A greater amount of intracellular NPs
was observed at acidic pH as the cells exhibited a higher fluorescent signal of the Ce6-ALUMSNs
distributed over the cytoplasm at pH 6.5 compared to physiological pH (Fig. 24a, c). The confocal
microscopy results were further confirmed by flow cytometry in which considerably higher
cellular internalization of the NPs was observed at pH 6.5 compared to pH 7.4 at the 1.5 h and 3 h
incubation times (Fig. 24b) owing to the presence of the ATRAM peptide on the surface of the
NPs. Taken together, the results demonstrate that the ATRAM peptide facilitates cellular
internalization of the conjugated NPs preferentially in cells that reside within a mildly acidic
environment.
To elucidate whether the cellular internalization of ALUMSNs occurs via an active,
energy-dependent process such as endocytosis, or an energy-independent direct translocation
mechanism, the amount of intracellular ATP within the cells was initially depleted by using sodium
azide/deoxyglucose, which partially reduced the internalization of the NPs into the cancer cells
(Figure 24d). As a result, these findings show that the NPs are internalized by both energydependent and energy-independent uptake mechanisms. In order to determine the mechanism of
endocytosis, 4T1 cells were pre-incubated with specific endocytic inhibitors at 37 ºC in serumfree media (Figure 24d). Treatment with chlorpromazine significantly inhibited the uptake of the
NPs, suggesting that clathrin-mediated endocytosis is involved in the cellular internalization of the
NPs (Figure 24d). As a result, it can be concluded that the pH-dependent cellular uptake of the
designed NPs occurs by both direct translocation and clathrin-mediated endocytosis. These
findings are in line with studies demonstrating that endocytosis is the main cellular process of
internalization for nanocarriers, as well as several pH-responsive peptides alone or coupled to a
cargo (Nguyen, Palanikumar et al. 2019). Although the exact mechanisms by which CPPs enter
the cells remains poorly understood, the mechanism by which ATRAM targets cells was
determined; at neural pH, ATRAM was shown to lie parallel to the membrane plane in an
unstructured conformation, whereas under acidic conditions similar to the peritumoral pH, its
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glutamic acid residues become protonated, thereby making the peptide more hydrophobic.
Consequently, the peptide would undergo a conformational change, forming a transmembrane αhelix, thereby allowing it to insert into the plasma membrane (Nguyen, Palanikumar et al. 2019).

Fig. 24: pH-dependent cellular uptake analysis of Ce6-ALUMSNs. (a, c) Confocal laser scanning microscopy
images of 4T1 cells treated with Ce6-ALUMSNs at physiological or acidic pH for 3h incubation. Scale bar = 10
µm. (b) Quantification of cellular uptake for Ce6-ALUMSNs in 4T1 cells for 1.5 h or 3.0 h at pH 7.4 or pH 6.5
by flow cytometry analysis. (d) Flow cytometry analysis of 4T1 cells treated with Ce6-ALUMSNs. Uninhibited
uptake in control cells (Ctrl) was compared to uptake in cells that were pretreated with sodium azide and 2deoxy-D-glucose to deplete cellular ATP (-ATP), or with cells treated with endocytosis inhibitors:
chlorpromazine (Chlor; clathrin-dependent endocytosis), methyl-β-cyclodextrin (MβCD; lipid raft-mediated
endocytosis), filipin (Flp; caveolae-dependent endocytosis) or amiloride (Aml; macropinocytosis inhibitor)
(n = 4). **P < 0.01, ***P < 0.001 or non-significant (ns, P > 0.05) for comparison with controls.

3.3.4 PTT properties of Ce6-LUMSNs
To verify the PTT potential of Ce6-ALUMSNs, the temperature variation of the NP solution
exposed to a 980 nm NIR laser at various power densities was investigated using a thermal imaging
camera (Fig. 25). It has already been reported that the presence of Bi2Se3 nanomaterial exhibits
remarkable potential in NIR-induced thermal destruction of tumors (An, Fu et al. 2021) and that
low concentrations of Bi2Se3 are sufficient to influence the photothermal effects of the UMSNs
(Liu, Zhang et al. 2018). In light of this, the temperature changes were monitored for the Ce6LUMSNs and other treatment groups to ensure that the lipid layer coating stabilizes the NPs and
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does not interfere with the photophysical properties of the loaded Ce6. A negligible temperature
change was observed within the Ce6 and saline (control) groups confirming that the temperature
increase observed with the Ce6-LUMSNs is indeed attributed to the presence of the Bi2Se3
component within the NPs (Fig. 25a, h). Moreover, >90% of the observed temperature increase
(>45 °C) occurred within the first 5 min at a concentration of 150 µg mL-1 (1.0 W/cm2) and then
reached a plateau, suggesting that the Ce6-LUMSNs could rapidly and efficiently convert the
980 nm laser energy into heat that is high enough to ablate the malignant cells.
The temperature of the aqueous dispersed Ce6-LUMSNs was also observed to increase in
a laser power- and concentration-dependent manner (0 to 1.5 W/cm2 and 10 to 200 µg mL-1) from
0 to 300 seconds (Fig. 25b-f). Whilst, negligible change in the temperature (27.5 ± 0.25 °C) was
noted for Ce6-LUMSNs in absence of laser irradiation, at the lowest concentration of LUMSNs
(10 µg mL-1) with laser irradiation, a mild temperature increase up to 35.7 ± 0.7 °C was observed
followed by a maximum increase to 37.8 ± 0.45 °C for 25 µg mL-1, 42.5 ± 0.75 °C for 75 µg mL1

, 53.7 ± 1.4 °C for 150 µg mL-1, and 55.8 ± 1.8°C for 200 µg mL-1, at the highest irradiation power

of 1.5 W/cm2 (Fig. 25b-f). More importantly, the temperature increase was linear with the laser
intensity increasing from 0.5 to 1.5 W/cm2, suggesting a dependence of laser energy on the
photothermal performance of LUMSNs. The photothermal stability and time-dependent
photothermal conversion of the NPs was also assessed over five cycles of laser “on-off” operations
(Fig. 25g). It was observed that the maximum temperatures after 5 min were nearly identical over
the five successive heating/cooling cycles, along with natural cooling appearing after 10 min,
which reflects the photostability and durability of the LUMSNs (Fig. 25i). Taken together, these
results show that the designed NPs can indeed be used for PTT.
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Fig. 25: Temperature change analysis of Ce6-LUMSNs. (a) Temperature change in the saline, Ce6 and Ce6LUMSNs (150 µg mL-1) in PBS under 980 nm laser irradiation (1.0 W/cm2) for 10 min (n = 4). (b-f) Variations
in temperature of the Ce6-LUMSNs with a series of different concentrations and irradiation power along with
time. Maximum variation in temperature of the Ce6-LUMSNs at 10 µg mL-1 (b), 25 µg mL-1 (c), 75 µg mL-1
(d), 150 µg mL-1 (e) and 200 µg mL-1 (f) (n = 4). (g) Variation in temperature of Ce6-LUMSNs during laser
irradiation during five heating/cooling cycles (150 µg/mL; 1.5 W/cm2). (h) Thermal images captured at varying
intervals of light irradiation for saline, Ce6 and Ce6-LUMSNs (1.0 W/cm2 for 5 min). (i) Variation in temperature
of Ce6-LUMSNs during laser irradiation (150 µg mL-1; 1.5 W/cm2) over 10 min followed by natural cooling. *
P < 0.05, *** P < 0.001 for comparison with controls and amongst the different treatment groups.

118

3.3.5 Analysis of intracellular ROS generation
In order to illustrate the application potential of the NPs in PDT, their ROS production capability
upon 980 nm laser irradiation was initially examined by monitoring the fluorescence signal of
SOSG (Fig. 26a). Treatment with free Ce6 produced negligible levels of singlet oxygen, consistent
with biomedical studies demonstrating that PS molecules can be degraded upon laser irradiation
(Hongying, Fuyuan et al. 1999). In contrast, treatment with Ce6-UMSNs and Ce6-LUMSNs
generated singlet oxygen under laser irradiation, indicating the advantage of using nanocarriers for
loading the PS molecules in order to effectively transfer laser energy to them (Wang, Huang et al.
2013). More importantly, the 1O2 producing ability of Ce6-LUMSNs was considerably higher than
that of Ce6-UMSNs, suggesting that these NPs can potentially induce apoptosis in the target cells
and that the lipid coating can act as a barrier to prevent the premature release of Ce6 (Amin, Ali et
al. 2021). Moreover, the addition of the ROS indicator, DHEB, to 4T1 cells exposed to Ce6ALUMSNs and irradiated with a 980 nm laser (1.5 W/cm2) led to bright red fluorescence images
confirming an increase in the intracellular ROS levels (Fig. 26b). The absence of photoirradiation
however, did not produce any significant signal intensity, indicating the photo-controlled
generation of ROS.
To further understand the mechanism of apoptosis, the results demonstrated that 4T1 cells
exposed to Ce6-ALUMSNs and irradiation resulted in a significant decrease in the mitochondrial
membrane potential (ΔΨm) probe TMRM fluorescence compared to cells without irradiation in
which the mitochondria were intact (Fig. 26c). Since the ΔΨm is critical for maintaining
mitochondrial respiration and glycolysis in order to generate ATP (Zorova, Popkov et al. 2018),
the reduction in TMRM fluorescence suggests that the apoptotic reactions potentially induced by
the designed NPs under PTT/PDT mode could involve the activation of death-receptor relevant
enzymes, the activation of mitochondria-relevant enzymes, the opening of mitochondrial
permeability transition pore (which results in rapid ΔΨm depolarization, matrix swelling and
release of cytochrome c), and ROS generation (Woldetsadik, Vogel et al. 2017, Liu, Xie et al.
2018).
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Fig. 26: Apoptotic mechanism of 4T1 breast cancer cells after treatment with NPs under PTT and PDT.
(a) Comparison of singlet oxygen levels in saline, free Ce6, Ce6-UMSNs and Ce6-LUMSNs (n = 4). (b)
Confocal microscope images of 4T1 cells incubated with Ce6-ALUMSNs to analyze the ROS generation in
presence and absence of light using the DHEB dye and (c) to check the mitochondrial depolarization in presence
and absence of light irradiation after 3h using the TMRM dye. Scale bar = 10 µm. ***P < 0.001 for comparison
with controls and amongst the different treatment groups.

3.3.6 Cytotoxic effects of Ce6-ALUMSNs
The biocompatibility of the NPs was initially examined by assessing the cell viability of 4T1 cells
in the presence of UMSNs and LUMSNs using the MTS assay (Fig. 27a). Treatment with UMSNs
and LUMSNs up to a reasonably high concentration of 100 µg mL-1 were not toxic to the cells,
suggesting that the designed NPs are indeed biocompatible. Furthermore, Ce6-ALUMSNs
exhibited no discernible cytotoxicity at concentrations up to 5 µg mL-1 of Ce6 in the absence of
light at either physiological or acidic pH (Fig. 27b). In contrast, the Ce6-ALUMSNs caused
significantly higher loss of cell viability at pH 6.5 in the presence of light (Fig. 28a, b, c). More
importantly, the most pronounced cytotoxic effect was observed after exposure to a laser power of
density 1.5 W/cm2 for 5 min. This indicates that irradiation is required, particularly at a laser power
of density 1.5 W/cm2 for 5 min. to generate hyperthermia and, in turn, activate the loaded PS
molecule to produce ROS. This was expected given the release profile of the NPs in which no
significant Ce6 release was detected in 24 h in the absence of light (Fig. 23a), but triggered Ce6
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release followed by a continuous release of Ce6 over time in the presence of irradiation (Fig. 23bd), and that the greatest temperature increase was observed after 5 min at 1.5 W/cm2 (Fig. 25b-f).
This is also in agreement with a previous study in which Fe3O4/ICG@PLGA/PFP nanosystems
did not exert any toxic effects on MCF-7 cells in the absence of laser irradiation, whereas
irradiating the NPs induced photothermal toxicity (Niu, Xu et al. 2017). Moreover, the cytotoxicity
with exposure to irradiation was expected as tumors have been reported to have difficulty
dissipating heat owing to their abnormal vasculature, thereby causing them to undergo apoptosis
(Hegyi, Szigeti et al. 2013). Heating has also been shown to induce protein denaturation and
coagulation of cellular proteins, which can interfere with protein synthesis, cell cycle progression,
and DNA repair processes, ultimately sensitizing the cancer cells to hyperthermia (Lepock 2005,
Dickerson, Dreaden et al. 2008).
The PTT effect is derived from heating the NPs under a 980 nm laser irradiation in which
a slight increase in temperature, which was indeed observed during the temperature change
analysis (Fig. 25), can destroy cancer cells through inducing apoptosis and necrosis (Cherukuri,
Glazer et al. 2010). At the same time, the PDT effect is derived from the activation of
photosensitizer Ce6. At a specific wavelength, the PS molecule can be activated under light
excitation ultimately generating singlet oxygen, which can cause irreversible damage to the cancer
cells. As indicated by the 1O2 generation ability studies, singlet oxygen was indeed produced by
irradiating the Ce6-ALUMSNs with a 980 nm laser (Fig. 26a). Therefore, when the cells were
exposed to laser, the cell viability decreased significantly with increasing concentrations of Ce6ALUMSNs, manifesting the feasibility of the NPs to destroy the cancer cells by 1O2. Taken
together, the Ce6-ALUMSNs would be targeted to the tumor tissues owing to the ATRAM
peptide’s efficiency in sensing the acidic microenvironment of solid tumors. If the NPs are
internalized into cancer cells through translocating across the plasma membrane, then they would
have direct access to the cytosol, while in the case of uptake by energy-dependent endocytosis, the
ATRAM peptide would facilitate escape of the NPs from the endosomes as the acidic pH of late
endosomes would promote endosome membrane insertion and destabilization by ATRAM
(Mastrobattista, Koning et al. 2002, Wolf, Aisenbrey et al. 2017). Thus, following pH-dependent
cellular uptake by both mechanisms, the cancer cells could be clearly observed due to the NP’s
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imaging functionality and can selectively destroy the cancer cells through combinatorial
PDT/PTT, which minimizes damage to the surrounding normal cells.
Finally, calcein/PI staining for detecting live/dead cells, was used to probe the effects of
the ALUMNs on 4T1 cancer cells under therapeutic conditions (Fig. 28d). In the absence of laser
irradiation, the cells were observed to be alive due to the significant increase in green fluorescence
intensity. Under laser irradiation, however, Ce6-ALUMSNs led to the death of nearly all cancer
cells as indicated by the significant reduction in green fluorescence intensity and an increase in the
red fluorescence signal. Additionally, to determine whether the cytotoxicity of the ALUMSNs
occurs via apoptosis or necrosis, FITC-conjugated annexin V/PI staining was carried out (Fig. 28e,
f). Treatment of 4T1 cells with NPs for 12 h at pH 6.5 resulted in over 70% of the cells undergoing
early and late apoptosis (Fig. 28f). Thus, the pH-dependent cancer cell death observed after
treatment with ALUMSNs occurs via apoptosis. This indicates that the designed NPs would be
effective in treating cancer by combinational PTT and PDT.

Fig. 27: Cell viability for 4T1 cells treated with drug-free and Ce6-loaded MSNs. (a) Cell viability analysis
in 4T1 cells for UMSNs and LUMSNs after 24h incubation (n = 4). (b) Cell viability analysis in 4T1 cells for
Ce6-ALUMSNs at physiological and peritumoral pH 6.5 after 24h incubation (n = 4). non-significant
(ns, P > 0.05).
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Fig. 28: Mechanism of pH-dependent cytotoxicity of Ce6-ALUMSNs. (a-c) Cell viability of 4T1 cells treated
with Ce6-ALUMSNs for 48 h at pH 6.5 (n = 4). Cell viability was assessed using the MTS assay at varying laser
irradiation (0.5 W/cm2, 1.0 W/cm2 and 1.5 W/cm2 for 3.0 and 5.0 min, respectively) with the % viability
determined from the ratio of the absorbance of the treated cells to the control cells. (d) Survival of cells observed
under the fluorescence microscope. The green fluorescence represents live cells stained by calcein, while the red
fluorescence indicates the dead cells (after laser radiation) stained by PI. Scale bar = 10 µm. (e) Flow cytometry
analysis of annexin V/PI staining of 4T1 cells that were treated with ALUMSNs loaded with 0.5 µg mL−1 Ce6
for 12 h at pH 6.5 with varying laser irradiation (0.5 W/cm2, 1.0 W/cm2 and 1.5 W/cm2). The bottom left quadrant
(annexin V-/PI-) represents live cells; bottom right (annexin V+/PI−), early apoptotic cells; top right (annexin
V+/PI+), late apoptotic cells; and top left (annexin V−/PI+), necrotic cells. (f) A summary of the incidence of
early/late apoptosis and necrosis in the 4T1 cells treated with Ce6-ALUMSNs determined from the flow
cytometry analysis of annexin V/PI staining (n = 4). *P < 0.05, **P < 0.01, ***P < 0.001 or non-significant
(ns, P > 0.05) for comparison with controls.
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3.3.7 Reduced cytokine production with Ce6-LUMSNs
To confirm that the NPs lack immunogenicity, the cell viability of free Ce6, Ce6-UMSNs and Ce6ALUMSNs were initially assessed in THP-1 monocytes (Fig. 29a). Although free Ce6 and Ce6UMSNs induced toxicity in THP-1 cells, treatment with Ce6-ALUMSNs did not result in a
significant loss of cell viability. Additionally, to assess the inflammatory response during treatment
with various NP formulations, the production of TNF-α and IL-1β by THP-1 monocytes exposed
to the NPs was quantified (Fig. 29b). The positive control LPS, a potent activator of macrophages,
induced production of 40 pg mL-1 and 38 pg mL-1 of TNF- α and IL-1β, respectively. Treatment
with Ce6 and Ce6-UMSNs produced approximately 11 pg mL-1 and 10 pg mL-1 of TNF-α and Il1β in THP-1 cells, respectively, whereas exposure to Ce6-LUMSNs yielded a negligible amount
of either TNF-α or IL-1β (<5 pg mL−1) produced by THP-1 cells. These results clearly demonstrate
that the Ce6-LUMSNs were not toxic to THP-1 cells and reduced cytokine production owing to
the presence of the PEG layer, which prevents opsonization of the NPs and their subsequent uptake
by monocytes and macrophages of the MPS.

Fig. 29: Toxicity in THP-1 cells and cytokine production with MSNs. (a) Cell viability of THP-1 cells treated
with Ce6, Ce6-UMSNs and Ce6-ALUMSNs 48 h at pH 7.4 (n = 4). Cell viability was assessed using the MTS
assay, with the % viability determined from the ratio of the absorbance of the treated cells to the control
cells. (b) Release of inflammatory cytokines, TNF-α and IL-1β, by THP-1 cells exposed to LPS, UMSNs, Ce6
and Ce6-LUMSNs for 24 h at pH 7.4 (n = 4). Cells treated with LPS were used as a positive control for
inflammation. TNF-α and IL-1β levels in the culture medium were assayed using a commercial ELISA kit.
*P < 0.05, **P < 0.01, ***P < 0.001 or non-significant (ns, P > 0.05) for comparison with controls.
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3.3.8 Tumor targeted MRI, pharmacokinetics and photothermal imaging in vivo
In order to demonstrate the utility of the Ce6-ALUMSNs for in vivo applications, their theranostic
ability was investigated 6 h after intravenously injecting (i.v) 4T1-tumor bearing mice with
UMSNs, LUMSNs and ALUMSNs containing 2.5 mg kg-1 of Ce6 (Fig. 30a). A significantly
enhanced MRI signal was observed in the tumor site after Ce6-ALUMSN administration compared
to the other NP formulations, which is line with the findings of increased cellular uptake of the
ALUMNSNs in tumor tissues (Fig. 24). Interestingly, the concentration of Ce6 within the various
NPs are comparable to that of the clinically used photosensitizer photoditazine (1.94 ± 0.73 μg/g
tissue) (Shirmanova, Gavrina et al. 2014) suggesting the use of ALUMSNs for fluorescence
diagnosis. Thus, owing to the ALUMSN’s outstanding accumulation ability in tumor tissues and
that the NIR fluorescence can penetrate deep tissues (Agostinis, Berg et al. 2011), these NPs have
the potential to be used for multimodal imaging of tumors.
In order to investigate the pharmacokinetics of the NPs, mice blood samples were collected
at distinct time points and the fluorescence intensities of Ce6 in the samples were measured (Fig.
30b). The ALUMSNs increased the Ce6 in vivo circulation half-life (t1/2 = ~5.4 ± 1.2 h) compared
to free Ce6 (t1/2 = ~2.0 ± 0.85 h). A single-time point analysis was also performed to determine the
Ce6 accumulation within tumor tissues from ALUMSNs compared to LUMSNs, UMSNs and Ce6
at 6 h post injection (Fig. 30c). The administration of ALUMSNs resulted in the highest Ce6
concentration in tumor tissues (21.2 ± 5.0 μg Ce6/g of tissue), whereas the concentration of Ce6
was 6.25 ± 2.25, 6.35 ± 2.5 and 12.5 ± 1.75 μg Ce6/g of tissue for free Ce6, Ce6-UMSNs and Ce6LUMSNs administration, respectively. Overall, ALUMSNs increased Ce6 circulation in plasma
and accumulation in tumor tissues, demonstrating that the designed NPs are a promising targeted
cancer drug delivery platform.
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Fig. 30: Tumor targeted MRI, pharmacokinetics and photothermal imaging in vivo. (a) Magnetic resonance
imaging of the tumor sections of 4T1 xenograft with different treatment groups (saline, UMSNs, LUMSNs and
ALUMSNs) after 6 h of post injection (n = 3). (b) Pharmacokinetics of Ce6-loaded in ALUMSNs (n = 6 per
group). Concentration of Ce6 in plasma after treated with free Ce6 or Ce6-ALUMSNs at a dose of 2.5 mg kg-1
of Ce6. (c) Biodistribution of Ce6 in tumor tissue sections after a single i.v injection of Ce6, Ce6-UMSNs, Ce6LUMSNs and Ce6-ALUMSNs at a dose of 2.5 mg kg-1 of Ce6 (n = 6 per group). *P < 0.05, **P < 0.01,
***P < 0.001 or non-significant (ns, P > 0.05) for comparison with controls and amongst the different treatment
groups.

3.3.9 Renal clearance of ALUMSNs
To quantitatively determine whether the NPs undergo efficient renal clearance in vivo, the silica
content in the urine and feces was determined by ICP–MS. The designed ALUMSNs were
confirmed to be promising candidates for clinical applications as the majority of the NPs was
excreted through the urine within 3 days post injection (Fig. 31).
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Fig. 31: Silica quantification by ICP-MS. Cumulative percentage of Si in the urine collected at various time
intervals (2, 4, 6, 8, 16, 24, 48 and 72 h) after injection with ALUMSNs (n = 4).

3.3.10 In vivo tumor inhibition by Ce6-ALUMSNs
The in vivo therapeutic efficiency of the designed NPs as well as other NP formulations was
investigated using a 4T1 tumor-bearing mouse model (Fig. 32a). An NIR diode laser (980 nm, 1.5
W/cm2, 5 min) was used to irradiate the NPs in order to assess their antitumor efficacy under a
combinational treatment of PDT and PTT. In the absence of laser irradiation, all NP formulations
exhibited no inhibitory effect (Fig. 32c). However, in the presence of laser irradiation, treatments
with UMSNs, Ce6, Ce6-LUMSNs slowed the tumor volume increase, whereas treatment with Ce6ALUMSNs reversed it (Fig. 32d). Tumor mass and weight were also measured to reflect the
curative effects of the different treatments (Fig. 32e, f, g). Without laser irradiation, no apparent
shrink of tumor mass was observed, whereas exposure to Ce6-ALUMSNs in the presence of
irradiation exhibited the smallest tumor mass (Fig. 32e) and showed the greatest capability in
reducing the tumor weight compared to the control formulations (Fig. 32g). These findings confirm
that the Ce6-ALUMSNs subjected to NIR exposure for 5 min at 1.5 W/cm2 was sufficient for
effective tumor growth inhibition. Moreover, this significant reduction in tumor volume and mass
could be attributed to the production of hyperthermia and ROS generation in the tumor tissue, and
is consistent with previous studies demonstrating the enhanced therapeutic efficacy of the
combination of PDT and PTT in cancer therapy (Liu, Yang et al. 2019). Interestingly, tumor
127

growth inhibition effects were also observed after treatment with Ce6-LUMSNs and laser
irradiation, suggesting that the PEG coating prolongs the in vivo blood circulation of the NPs by
minimizing interactions with serum proteins and macrophages that inhibit target recognition.
However, the presence of the ATRAM peptide on the Ce6-ALUMSNS led to the most significant
antitumor efficacy in cancer-bearing mice by enhancing tumor targeting and internalization
specifically into cancer cells within the acidic tumor microenvironment.
Since the Ce6-ALUMSNs with laser irradiation demonstrated the most pronounced tumor
inhibitory effect, the expression of an apoptotic protein, caspase-3, in various NP formulations was
analyzed via an immunohistochemistry (IHC) assay (Fig. 33). Treatment with Ce6-ALUMSNs in
the presence of laser irradiation had a significantly higher expression of caspase-3 compared to the
control and other treatment groups. This finding along with the mitochondrial depolarization
results (Fig. 26b) are consistent with the Ce6-ALUMSNs inducing apoptosis via the mitochondrial
pathway, and are in agreement with a previous study that demonstrated chlorin gold nanorods in
combination with PDT and PTT increased caspase-3 expression in breast cancer cells (Liu, Xie et
al. 2018). Moreover, histological analysis of tumor tissues using H&E staining were also consistent
with the enhanced antitumor efficacy of the Ce6-ALUMSNs compared to the other treatment
groups in the presence of laser irradiation (Fig. 33).
None of the groups adversely affected the body weight of the treated mice (Fig. 32b) and
H&E-stained lung, liver, spleen, heart, and kidney sections showed no apparent abnormalities or
lesions both in the presence and absence of light (Fig. 34). Importantly, treatment with Ce6LUMSNs with light greatly prolonged survival compared to free Ce6 and Ce6-UMSNs over the
60-day duration of the experiment, while 100% survival was observed after treatment with Ce6ALUMSNs (Fig. 35). Taken together, these results demonstrate that the ALUMSNs effectively
target tumor tissue, and the combination of PDT and PTT leads to potent anticancer activity in
vitro and in vivo, while also minimizing non-specific toxicity, which is one of the drawbacks
associated with conventional chemotherapy.
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Fig. 32: Antitumor reduction studies under PTT and PDT treatment mode. (a) Treatment schedule for the
tumor reduction studies. Once the tumor volume reached ~75 mm3, the mice were randomized into the different
treatment groups (n = 4 per group), which were injected intravenously in the presence and absence of laser
irradiation with: (1) saline; (2) UMSNs (75 mg kg-1); (3) free Ce6 (2.5 mg kg-1); (4) Ce6-LUMSNs (2.5 mg kg1 of Ce6); (5) Ce6-ALUMSNs (2.5 mg kg-1 of Ce6). Injections were done every 2 days for a total of 15 doses,
with the first day of treatment defined as day 0. (b) Body weight analysis of 4T1 xenograft-bearing mice until
30 days of treatment for both groups of treatments (in presence and absence of laser) (n = 4 per group). (c, d)
Tumor volume growth curves for the different treatment groups over 30 days of treatment in the absence (c) and
presence of laser irradiation (d) (n = 4 per group). (e, f, g) Tumor mass and weight analysis for the different
treatment groups (n = 4 per group). After 30 days of treatment in the presence and absence of laser, four mice
per treatment group were sacrificed and the tumor tissues were weighed to determine the tumor mass. *P < 0.05,
**P < 0.01, ***P < 0.001 or non-significant (ns, P > 0.05) for comparison with controls and amongst the
different treatment groups.
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Fig. 33: H&E-stained images of tumor tissues and immunohistochemistry for the caspase-3 proapoptotic
marker for the different treatment groups following 30 days of treatment (saline, Ce6, UMSNs, Ce6LUMSNs and Ce6-ALUMSNs). Scale bar = 50 μm.
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Fig. 34: Histological analysis of vital organs following treatment with Ce6-ALUMSNs. H&E staining of
lung, liver, spleen, heart and kidney sections from 4T1 tumor-bearing mice after 30 days of treatment with saline,
Ce6, Ce6-UMSNs, Ce6-LUMSNs and Ce6-ALUMSNs in the presence (a) and absence (b) of light irradiation.
Scale bar = 50 μm.
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Fig. 35: Survival curves for various MSN formulations. The survival of the mice was assessed after treatment
with the saline, Ce6, Ce6-UMSNs, Ce6-LUMSNs and Ce6-ALUMSNs (n = 4 per group) over 60 days (a)
without light and (b) with light irradiation.

3.4. Conclusion
Taken together, the results demonstrate the potential of using Ce6-ALUMSNs for
diagnostic imaging along with coordinated PDT/PTT treatment upon single laser irradiation. This
is attributed to the NPs depicting highly efficient pH-dependent cellular uptake by both energyindependent and -dependent mechanisms, exhibiting a light-triggering release of the payload, and
cytotoxicity in a wide range of cancer cell lines upon laser irradiation. Additionally, Ce6ALUMSNs had better pharmacokinetics in comparison to other NP formulations, effectively
reduced tumor growth and prolonged survival, while exhibiting no toxicity to healthy tissue.
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Chapter IV. pH-responsive liposomes for cancer therapy
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4.1. Introduction
Among the various nanosystems used for drug delivery, self-assembling phospholipid vesicles or
liposomes have also garnered considerable attention due to their unique characteristics. These
include their biocompatibility, biodegradability, lack of immune system activation and capacity to
protect payloads (Kaasgaard and Andresen 2010, Yingchoncharoen, Kalinowski et al. 2016).
Moreover, a wide range of payloads can be readily encapsulated within these vesicles, with
hydrophobic and amphiphilic molecules being entrapped in the bilayer membrane and hydrophilic
molecules encapsulated within the aqueous inner core (Sercombe, Veerati et al. 2015). Owing to
their potential in delivering therapeutic agents to target tissues, several liposomal formulations are
already being used in a clinical setting. The first FDA-approved (1995) formulation was
PEGylated liposomal doxorubicin (Doxil) for the treatment of various types of cancers, including
leukemia, ovarian and breast cancer, followed by liposomal daunorubicin citrate (1996) for the
management of AIDS-associated Kaposi’s sarcoma, liposomal formulations of amphotericin B
(1997) for anti-fungal infections and liposome-based verteporfin (2000) to treat macular
degeneration (Bulbake, Doppalapudi et al. 2017, Olusanya, Haj Ahmad et al. 2018).
Another particularly attractive feature of liposomes as a drug delivery platform is the
simplicity of their preparation. Their hydrophilic core is surrounded by a lipid bilayer composed
of naturally-derived biodegradable and biocompatible phospholipids, such as phosphatidylcholine
(PC) and sphingomyelin (SM), which comprise biological membranes (Olusanya, Haj Ahmad et
al. 2018). Moreover, liposomal formulations can be designed using cholesterol in order to control
the drug permeability properties of the liposomal membrane and provide rigidity to the bilayer;
this, in turn, limits the leakage of encapsulated drugs (Yingchoncharoen, Kalinowski et al. 2016).
Coating the surface of liposomes with PEG or targeting ligands is also very common as it provides
the liposomes with multiple functionalities, such as increasing their circulation half-life and
accumulation at the target tissue, thereby enhancing the therapeutic index of the payload while
minimizing toxicity in normal cells (Noble, Stefanick et al. 2014).
Although targeted liposomes are promising candidates for the selective delivery of
anticancer drugs, they still suffer from targeting inefficiency due to interactions with serum
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proteins during in vivo circulation, and poor intracellular release due to endosomal trapping
(Karanth, Murthy et al. 2007). Thus, pH-sensitive liposomes (e.g., incorporating pH-sensitive
lipids, synthetic fusogenic peptides/proteins or attaching pH-sensitive polymers) (Karanth, Murthy
et al. 2007), have been reported to overcome this issue as following endocytosis, the low pH within
the endosomes can trigger the fusion of the liposomes with the endosomal membrane, or cause the
destabilization of the liposomes, which in turn induces endosomal destabilization via pore
formation, ultimately leading to release of the payload into the cytosol (Karanth, Murthy et al.
2007, Yao, Daniels et al. 2013). Moreover, given that liposomes functionalized with pH-sensitive
peptides, such as pHLIP combine pH-dependent targeting with intracellular delivery of the cargo,
Yao et al. designed liposomes coated with pHLIP (Yao, Daniels et al. 2013). Their findings
revealed that the liposomes functionalized with pHLIP can undergo one of two main uptake routes:
(1) pHLIP inserts into the plasma membrane of cancer cells under the acidic conditions of the
tumor microenvironment thereby, facilitating direct fusion of the liposome with the plasma
membrane and releasing the cargo directly into the cytosol; or (2) following endocytosis, the low
pH of late endosomes would promote endosomal membrane insertion by pHLIP, subsequently
fusing the liposomes with the endosomal membrane and releasing the cargo into the cytosol (Yao,
Daniels et al. 2013). Sosunov et al. also used two murine ischemia models to demonstrate the
preferential targeting of pHLIP-coated liposomes to acidic ischemic regions of the myocardium
and not normal regions; on the other hand, liposomes coated with PEG lacked this targeting
specificity (Sosunov, Anyukhovsky et al. 2013).
With this in mind, the aim of this chapter was to design biocompatible and biodegradable
liposomes that would exhibit highly efficient pH-dependent cellular uptake, release the cargo upon
exposure to the acidic microenvironment of endocytic compartments, and show potent anticancer
activity while exhibiting no toxicity to healthy tissue. These liposomes contained an aqueous core
in which a wide range of drugs can be readily loaded. Dox, an anthracycline antibiotic, was
selected as the payload due to its potent chemotherapeutic properties and high hydrophilicity
(Tefas, Sylvester et al. 2017). Studies have shown that anticancer drugs of high hydrophilicity,
which are encapsulated in the core compartment of liposomes, are slowly released from the
liposomes over several hours to several days, whereas drugs of high hydrophobicity, which insert
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into, or attach to, the phospholipid bilayer are more readily and rapidly released (Defrise-Quertain,
Chatelain et al. 1984). Additionally, the liposomes were wrapped with DSPE-PEG-MAL (a
liposomal layer containing maleimide) given it is the most widely used ‘stealth’ polymer in the
drug delivery field (Porfire, Achim et al. 2017). To facilitate cancer cell targeting and payload
release into the cytosol, the liposomes were also functionalized with the novel pH-responsive
ATRAM peptide by covalently coupling the maleimide linker (sulfhydryl-reactive chemical
group) of the PEG to the cysteine residue located on the N-terminus of the ATRAM peptide. This
CTP was selected as ATRAM binds weakly to the membrane surface in a largely unstructured
conformation at physiological pH, whereas under acidic conditions similar to the peritumoral pH,
it undergoes a conformational change forming a transmembrane α-helix that drives membrane
insertion (Nguyen, Alves et al. 2015). The targeting capability and potent anticancer activity of the
designed liposomes was assessed by cellular uptake and cytotoxicity assays in vitro.
4.2. Experimental procedures
4.2.1 Materials
1-Palmitoyl2-oleoyl-phosphatidylcholine

(POPC),

1,2-distearoyl-sn-glycero-3-

phosphoethanolamine-N-[maleimide(polyethylene glycol)-2000] (DSPE-PEG2000-MAL) and
cholesterol (ovine) were purchased from Avanti Polar Lipids Inc. (Alabaster, AL, USA);
Spectra/Por (MWCO 6–8 kDa) dry membranes were from Spectrum Labs (Rancho Dominguez,
CA); Slide-A-Lyzer Dialysis Cassettes (3.5K MWCO) from Thermo Scientific and; CellTiterBlue® Cell Viability Assay was purchased from Promega Corporation (Madison, WI).
4.2.2 Synthesis of ATRAM-conjugated liposomes
PEGylated liposomes with a total lipid concentration of 1 mM were prepared by the thin-film
hydration method (Zhang 2017). The composition of the liposomes in this study was based on the
lipid composition of Doxil, a clinically approved PEGylated liposome encapsulating Dox
(Abraham, Waterhouse et al. 2005). Dox, which primarily targets nuclear DNA, is one of the most
widely used and potent FDA-approved broad-spectrum, hydrophilic chemotherapeutic drugs
(Gonçalves, Mignani et al. 2020). With this in mind, a chloroform solution of the desired lipid
mixture (0.9 mM POPC and 0.1 mM DSPE-PEG2000-MAL or 0.5 mM POPC, 0.1 mM DSPE136

PEG2000-Mal and 0.4 mM cholesterol) was evaporated using nitrogen gas, producing an even thin
film. The film was then left under a vacuum overnight to remove any residual organic solvent.
This was followed by hydrating the lipid film in 1 ml of HEPES buffer (10 mM, pH 7.4) containing
0.09 mM Dox and placing the suspension on a shaker for at least 1 h to efficiently hydrate the lipid
materials. After five freeze-thaw-vortex cycles, the multilamellar liposome solution was extruded
11 times through 100 nm polycarbonate filters using a handheld extruder set (Avanti Polar Lipids
Inc.). Thereafter, the liposome solution was dialyzed against 10 mM HEPES buffer (pH 8.0) to
remove any free Dox followed by incubating it for 48 h on a shaker at 4 °C with the ATRAM
peptide. This allowed for the covalent coupling of the maleimide linker (sulfhydryl-reactive
chemical group) to the cysteine residue of the ATRAM peptide. Liposomes were then dialyzed
against 10 mM HEPES buffer (pH 7.4) using Spectra/Por molecular porous membrane tubing
(MWCO 6-8 kDa) with gentle stirring (100 rpm, Phoenix Magnetic Stirrer RSM-01) for 24 h to
remove any unconjugated peptide. Liposomes were stored at 4 °C.
4.2.3 Characterization of liposomes
The size and zeta potential of the pH-responsive nanocarriers were measured by DLS using a
Malvern ZetaSizer™ Nano ZS90 (Malvern Instruments Ltd., Malvern, UK). Samples were
prepared by diluting 10 µl of the nanocarrier suspension with 990 µl deionized water. For each
sample, an average measurement of 56 runs was obtained to gain information on the hydrodynamic
diameter and surface charge of the sample.
4.2.4 Drug release kinetics of liposomes
Drug release kinetics of the nanocarriers were measured on a PerkinElmer LS-55 Fluorescence
Spectrometer. Cargo release from the nanocarriers in physiological or acidic pH was monitored
using the dialysis method (Huang, Lang et al. 2018). Briefly, 1 mL of the nanocarriers loaded with
the cargo was placed in a dialysis bag (molecular-weight cutoff: 3 kDa) and fully submerged in 25
mL of release medium – 10 mM phosphate buffer (pH 7.4 or 6.5) – followed by stirring at 100
rpm (Phoenix Magnetic Stirrer RSM-01). At the designated time points, 1 mL of the release
medium was removed for analysis, and replenished with the same volume of fresh buffer. Dox
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fluorescence in the release sample was measured (λex/em = 480/580 nm) and amount of Dox released
was determined using a standard calibration curve.
4.2.5 Cell viability assay
Cell viability was measured using the CTB assay, which is based on the ability of living cells to
reduce the resazurin dye into resorufin, a fluorescent product (Riss, Moravec et al. 2016).
Therefore, the intensity of the fluorescent signal from the indicator dye is directly proportional to
the number of viable cells.
MIA PaCa-2 cells were seeded at a density of 5 × 104 cells/well in 100 µl of complete
medium in standard 96-well plates. After culturing for 24 h, the medium in each well was replaced
with serum-free medium (pH 7.4 or 6.5) containing 0.05–2 μg mL-1 Dox, 2.5–75 µg mL-1 drugfree ATRAM-conjugated liposomes or 0.1-1.5 mM HEPES and incubated for 24 h at 37 °C.
Thereafter, the medium in each well was replaced with 100 µl of serum-free medium (pH 7.4)
containing CTB. The CTB reagent was incubated for 3 h at 37°C and the fluorescence
(λex/em=560/590 nm) of the resorufin product was measured using a BioTek Synergy H1MF MultiMode Microplate-Reader. Cells treated with vehicle alone were used as a control and wells with
medium alone served as a blank. Resazurin reduction was then determined from the ratio of
fluorescence of treated wells to the control wells.
4.2.6 Cellular uptake of ATRAM-conjugated liposomes
The cellular uptake of the liposomes was assessed using confocal fluorescence microscopy. MIA
PaCa-2 cells were seeded at a density of 2×105 cells/well in 500 μL complete medium in 4chambered 35 mm glass bottom Cellview cell culture dishes (Greiner Bio-One, Monroe, NC).
After culturing for 24 h, the medium was replaced with serum- and phenol red-free medium (pH
7.4 or 6.5) containing 2.5 μg mL-1 Dox loaded ATRAM-conjugated liposomes and incubated for
1 h at 37 °C. Thirty minutes prior to imaging, the medium was replaced with fresh medium
containing 50 nM Hoechst dye. Finally, immediately prior to imaging, the medium was once again
replaced with fresh medium to remove any extracellular dye. Imaging was done on an Olympus
Fluoview FV-1000 confocal laser scanning microscope, using a 63× Plan-Apo/1.3 NA oil
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immersion objective with DIC capability. Image processing was done using the Fuji image
processing software (Schindelin, Arganda-Carreras et al. 2012).
Cellular uptake of the pH-responsive liposomes at pH 7.4 or 6.5 was then quantified using
a previously published flow cytometry assay (Woldetsadik, Vogel et al. 2017). Briefly, cells were
seeded at a density of 2×104 cells/well in 500 μL complete medium in 24-well plates. After
culturing for 24 h, the cells were washed with PBS at 37 °C and the medium was replaced with
fresh medium (pH 7.4 or 6.5) containing 2.5 μg mL-1 Dox loaded ATRAM-conjugated liposomes
and incubated for 1 h at 37 °C. Subsequently, the cells were washed three times with ice-cold PBS
to remove the extracellular nanocarriers, and then treated with trypsin-EDTA for 5 min to detach
the cells and remove cell surface-bound peptide. Finally, the cells were centrifuged (1,000×g for
5 min at 4 °C) and re-suspended in 500 µL ice-cold PBS with 10% FBS. Data collection (10,000
cells/sample, gated on live cells by forward/side scatter and PI exclusion, λex/em = 535/617 nm) was
done immediately afterwards on a BD FACSAria III cell sorter (BD Biosciences, San Jose, CA),
and analysis was performed using the BD FACSDiva software.
4.2.7 Statistical analysis
For in vitro studies, all parts of the experiments were blinded (treatment, data acquisition and data
analysis). Confidence intervals in this work represent the standard deviation across at least three
biological replicates (i.e., n ≥ 3). Statistical analysis was performed using the Prism 7.0 software
(GraphPad Software, Inc., La Jolla, CA, USA). Statistical significance between two groups was
assessed by an unpaired t-test, and among three or more groups by two-way analysis of variance
(ANOVA) followed by Tukey’s post hoc test. P < 0.05 was considered to be statistically
significant.
4.3. Results and discussion
4.3.1 Preparation and characterization of PEG-coated ATRAM-conjugated liposomes
Two Dox-loaded, PEG-coated and ATRAM functionalized liposomal formulations were prepared,
either with or without cholesterol. This was done as the incorporation of cholesterol in Doxil was
shown to stabilize the liposomal carrier and avoid release of the drug (Silverman, Barenholz et al.
2015). Addition of cholesterol increased the hydrodynamic diameter of the liposomes from 105
139

nm (with a polydispersity index of 0.23) to 122 nm (with a polydispersity index of 0.25) (Fig. 36a,
b). Moreover, the zeta potential of liposomes without cholesterol was -25.6 mV, whereas the
addition of cholesterol changed the zeta potential to -45.1 mV (Fig. 36c, d), which are consistent
with the negatively charged zeta potential measurements of the fusogenic and non-fusogenic
liposomes without cholesterol (Yao, Daniels et al. 2013) as well as liposomes containing
cholesterol (Farzaneh, Nik et al. 2018). Importantly, the liposomes containing cholesterol also
showed better colloidal stability over 8 days compared to the liposomes without cholesterol (Fig.
36e, f).
The effects of cholesterol in phospholipid membranes was also investigated by Margarkar
et

al.

in

which

they

showed

that

increasing

the

amount

of

cholesterol

in

distearoylphosphatidylcholine (DSPC) and POPC lipid systems reduced the binding of Na+ ions
to the membrane resulting in a more negative surface charge (Magarkar, Dhawan et al. 2014). This
is beneficial for liposomes as a negative surface charge would decrease interactions with serum
proteins thus, increasing the circulation time of the liposomes (Magarkar, Dhawan et al. 2014).
Additionally, charged liposomes have better stability during storage as they repel each other,
thereby reducing aggregation tendencies (Nkanga, Bapolisi et al. 2019).
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Fig. 36: Characterization of the liposomes. Size analysis for PEG-coated POPC (a) and POPC/cholesterol (b)
liposomes. Zeta potential measurements for PEG-coated POPC (c) and POPC/cholesterol (d) liposomes.
Colloidal stability for PEG-coated POPC (e) and POPC/cholesterol (f) liposomes in 10 mM HEPES at pH 7.4.
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4.3.2 Drug release profile of Dox-loaded liposomes
The in vitro release profile of Dox from liposomes with and without cholesterol was determined
using time-dependent fluorescence measurements (Fig. 37). Specifically, drug release was
monitored in 10 mM phosphate buffer in different pH conditions (pH 7.4 and pH 6.5). At pH 7.4,
liposomes without cholesterol showed a larger burst of Dox release within the first 8 h (32.3 ±
0.8%, Fig. 37a). The initial burst was followed by a release of the drug until 24 h due to drug
diffusion through the liposomal bilayer. For liposomes containing cholesterol, there was a smaller
release of Dox over the first 8 h (17.5 ± 0.5%) and the release rate was slower than that of POPC
PEG liposomes (Fig. 37a). The effects of an acidic pH on drug release from the liposomes was
also investigated since solid tumors are characterized by an extracellular acidic environment
(Andreev, Engelman et al. 2014). Lowering the pH triggered the release of a significant amount of
the Dox payload from the liposomes without cholesterol (42.3 ± 2.6% at 24 h), whereas liposomes
with cholesterol released a smaller amount of the drug over 24 h (36.1 ± 1.6%, Fig. 37b). This
indicates that the presence of cholesterol indeed reduces drug release from the liposomal core,
which is key to ensuring that the encapsulated drug reaches the target diseased cells (Patra, Das et
al. 2018).
This finding is in line with previous reports, which demonstrated that incorporating
cholesterol during liposomal preparation can stabilize the lipid membrane and decrease its
permeability, thereby improving retention of the payload (Ishida, Okada et al. 2006). More
importantly, in order to reduce the release of the drug during circulation even further, Dox can be
loaded in the liposomes by the transmembrane pH-gradient method instead of using passive
diffusion (e.g., thin-film hydration method) (Niu, Cogburn et al. 2010). This active loading method
involves encapsulating the drug inside preformed liposomes that have a chemical gradient, and has
been reported to provide stable encapsulation for many drugs (Niu, Cogburn et al. 2010,
Gubernator 2011). For instance, when Dox at neutral pH is incubated with liposomes that have a
pH gradient (acidic interior), the nonionized drug will diffuse down the concentration gradient and
become encapsulated within the liposomal core where it will become protonated and precipitate
(Ishida, Kirchmeier et al. 2001). The formation of this drug precipitate is key to retaining the drug
within the liposomes and thus, ensuring a low leakage rate in vivo (Gubernator 2011).
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Fig. 37: Drug release profiles of the liposomes in the presence and absence of cholesterol in different pH
conditions. Dox release from liposomes in 10 mM phosphate buffer at pH 7.4 (a) and pH 6.5 (b).

4.3.3 Cytotoxic effects of ATRAM-conjugated liposomes
The in vitro cytotoxicity of the ATRAM-conjugated liposomes was assessed using the CTB assay.
In order to determine whether pH influences Dox cytotoxicity, MIA PaCa-2 cells were treated with
different concentrations of the drug at physiological and acidic pH (Fig. 38a). Dose-dependent
toxicity of Dox was observed at both pH conditions. More importantly, Dox decreased MIA PaCa2 cell viability to a similar extent at both pH conditions (e.g., treatment with 2 µg mL-1 Dox
decreased viability to 13.3 ± 2.1% and 16.8 ± 2.4% at pH 7.4 and 6.5, respectively), indicating that
extracellular pH does not affect Dox cytotoxicity (Fig. 38a). Moreover, since the liposomes were
prepared and stored in HEPES buffer, MIA PaCa-2 cells were treated with varying amounts of
HEPES (Fig. 38b). The results showed that the buffer did not adversely affect MIA PaCa-2 cell
viability. Likewise, treatment with drug-free liposomes conjugated to ATRAM did not have a
significant adverse effect on MIA PaCa-2 cell viability up to 10 µg mL-1 (Fig. 38c). The toxicity
observed at higher concentrations of the drug-free liposomes is most likely not attributed to the
presence of the ATRAM peptide as it was previously reported to be nontoxic at physiological and
acidic pH (Nguyen, Alves et al. 2015). As a result, the lipid concentrations used for designing the
liposomes should be optimized before assessing the cytotoxic effects of the liposomes loaded with
the drug. One way would be to reduce the cholesterol content used in designing the liposomes as
cholesterol can be exchanged between cells and liposomes, which could induce toxicity in cells
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that are sensitive to cholesterol being depleted or added into their plasma membranes (Matusewicz,
Podkalicka et al. 2018). Moreover, Allen et al. demonstrated that empty liposomes composed of
POPC and cholesterol were toxic to cell lines derived from T-cell lymphoma (Allen, McAllister
et al. 1981). However, lowering the POPC and cholesterol content considerably reduced the
toxicity as cells that have the majority of their surface area covered with liposomes are unable to
proliferate (Allen, McAllister et al. 1981).

Fig. 38: Dose-dependent and pH-dependent inhibition of resazurin reduction. Cell viability of MIA PaCa2 cells treated with Dox (a) HEPES (b) and drug-free ATRAM-conjugated liposomes (c) for 24 h at pH 7.4 and
pH 6.5 (n = 3). Cell viability was assessed using the CTB assay, with the % viability determined from the ratio
of fluorescence of the treated cells to the control cells. Non-significant (ns, P > 0.05) for comparison with
controls.

4.3.4 Cellular uptake of Dox-loaded ATRAM-conjugated liposomes
The uptake of Dox-loaded ATRAM-conjugated liposomes in cancer cells was initially assessed
using confocal fluorescence microscopy (Fig. 38a). MIA PaCa-2 cells were incubated with Doxloaded ATRAM-conjugated liposomes for 1 h at 37 °C (Fig. 39a). Substantially higher cellular
internalization of the Dox payload and colocalization with the nuclear stain (Hoechst) was
observed at pH 6.5 compared to pH 7.4. This confirms that the cellular uptake of the ATRAMconjugated liposomes was indeed pH-dependent and that following internalization, Dox rapidly
gains access to the nucleus. Flow cytometry was also used to quantify the cellular uptake, and
confirmed the confocal microcopy results as the amount of internalized Dox-loaded ATRAMconjugated liposomes in MIA PaCa-2 at pH 6.5 was approximately 2-fold higher than that at pH
7.4 (Fig. 39b). Thus, the presence of the ATRAM peptide mediates insertion into cellular
144

membranes at low pH, thereby facilitating preferential uptake of the coupled nanocarriers in cancer
cells within the acidic environment of tumors.

Fig. 39: In vitro cellular uptake of liposomes in MIA PaCa-2 cells. (a) Confocal laser scanning images of
MIA PaCa-2 cells treated with Dox-loaded ATRAM-conjugated liposomes for 1 h in pH 7.4 and pH 6.5. Blue
fluorescence corresponds to the Hoechst stain, red fluorescence for Dox and merged images showing colocalization of Hoechst and Dox for respective cells. Scale bar=5 μm. (b) Quantification of cellular uptake of
Dox-loaded ATRAM-conjugated liposomes in MIA-PaCa-2 cells at different pH conditions from the flow
cytometry analysis (n = 3). *P < 0.05 compared with pH 7.4.

4.4. Conclusion
In summary, these findings underline the potential of ATRAM-functionalized high stability
liposomes as a promising targeted drug delivery platform for cancer therapy. This is attributed to
the NPs depicting highly efficient pH-dependent cellular uptake. Despite the liposomes with
cholesterol exhibiting a more controlled release of the loaded cargo molecule compared to
liposomes without cholesterol, Dox can be loaded in the liposomes using the transmembrane pHgradient method instead of using passive diffusion as this active loading method has been reported
to provide stable encapsulation for many drugs (Niu, Cogburn et al. 2010, Gubernator 2011).
Moreover, the lipid concentrations used for designing the liposomes will be optimized before
assessing the cytotoxic effects of the liposomes loaded with the drug.

145

Chapter V. Conclusion and future directions

146

5.1 Conclusion
In recent years, rapid progress in the field of nanotechnology has led to the development of
compositionally and structurally well-defined, drug delivery nanoplatforms that can respond to a
stimulus in order to facilitate the selective delivery and release of the encapsulated payload within
the target tissue (Gao, Chan et al. 2010). These include exogenous and endogenous stimuli, such
as temperature, magnetic/electric field, mechanical force, ultrasound/light irradiation and redox
potentials. Amongst these stimuli, variation in pH has gained the most attention for tumor targeted
drug delivery and intracellular drug release (Wu, Luo et al. 2018). This is attributed to tumors
having a more acidic extracellular environment compared to normal tissues (Wu, Luo et al. 2018).
Moreover, once NPs are internalized via endocytosis, they are exposed to a pH gradient as they
are trafficked through endocytic compartments (early and late endosomes and lysosomes), which
can also be exploited in order to promote escape from these compartments and release of the drug
payload within the cytoplasm (Shen, Tang et al. 2008).
In light of this, several in vitro and in vivo studies have reported various strategies for
designing pH-responsive nanocarriers for therapeutic delivery; these include pH degradable
linkages, pH cleavable crosslinking or charge shifting polymers (Gao, Chan et al. 2010, Wu, Luo
et al. 2018). Currently, a widely used approach is to functionalize nanoplatforms with CTPs due
to their biocompatibility, chemical versatility and ability to recognize key components of tumor
tissues, which can potentially lead to more selective and efficient delivery systems for cancer
therapy (Kalmouni, Al-Hosani et al. 2019). A common CTP that has garnered considerable
attention is pHLIP due to its ability in targeting cancer cells and disrupting endosomal membranes
during endosome acidification (Nguyen, Palanikumar et al. 2019). Owing to the various limitations
associated with pHLIP, a more effective derivative was designed, known as ATRAM (Nguyen,
Alves et al. 2015). Various studies have shown that at physiological pH, this highly soluble peptide
binds weakly to the membrane surface in a largely unstructured conformation, whereas under
acidic conditions similar to the peritumoral pH, it inserts into the membrane as a transmembrane
α-helix (Nguyen, Alves et al. 2015). In chapters 2, 3 and 4, it was established that ATRAM can be
used with various nanocarriers. The findings showed that both organic and inorganic nanocarriers
conjugated to ATRAM were able to be selectively targeted to cancer cells residing within the
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acidic tumor environment. In the case of the polymeric NPs, the nanocarriers also exhibited pHdependent drug release and endosomal escape after intracellular delivery, as well as enhanced antitumor activity compared to the free drug and NPs not conjugated to ATRAM. As a result, these
findings underline the potential of NPs conjugated to ATRAM as drug delivery platforms for
cancer and other diseases that lead to acidic tissues.
Despite progress in designing biocompatible and biodegradable pH-responsive NPs that
overcome the issues associated with conventional chemotherapeutics and nanocarriers, there are
still several challenges that remain. These include rapid mutation rates that can cause tumors to
have an unstable environment with differing extracellular pH gradients, which can interfere with
the targeting efficacy of the pH-responsive nanocarrier (Wu, Luo et al. 2018). Studies have also
reported that regions of low pH are usually far from the blood flow, which can attenuate the
therapeutic efficacy of the system (Das, Bharadwaj et al. 2020). However, these issues could be
resolved by conjugating an additional CTP onto the surface of the nanocarriers that exploits
another intrinsic property of tumors. Moreover, although these nanocarriers showed promising
results in in vivo mouse/rodent/small animal models, they are not predictive of the clinical effects
as differences exist in the tumor architecture and tumor growth rate as well as complexity of the
organism’s physiology (rodents are an oversimplified approximation of humans) (Rao, Ko et al.
2018). This could be resolved however, by incorporating real time imaging within the pHresponsive nanocarrier in order to detect the pathological changes taking place and visually track
the nanocarrier (Torchilin and Biopharmaceutics 2009). Additionally, NP synthesis complications
can arise during the scaling-up of these nanocarriers, thereby impeding their clinical translation
(Rao, Ko et al. 2018).
5.2 Future directions
As part of the follow-up to this work, these various pH-responsive nanocarriers can be utilized to
improve tumor targeting and in turn, enhance the potency of novel anticancer agents in vivo, such
as the protein mimetic amyloid inhibitor reported in our recently published paper (Palanikumar,
Karpauskaite et al. 2020). A missense mutation in the TP53 gene, which inhibits its function, is
the most frequent genetic alternation found in cancers (observed in >50% of all human cancers)
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(Hollstein, Sidransky et al. 1991). Interestingly, studies have reported that a subset of p53 mutants
self-assemble into inactive cytosolic aggregates (Silva, Gallo et al. 2014, Silva, Cino et al. 2018).
Amyloids are well-ordered protein aggregates that are characterized by a fibrillar morphology,
high thermodynamic stability and resistance to proteolytic digestion (Henning-Knechtel, Kumar
et al. 2020). These amyloid-like mutant p53 aggregates are implicated in the protein’s tumor
suppressor loss-of-function and oncogenic gain-of-function (Palanikumar, Karpauskaite et al.
2020).
A focused library of protein mimetics, previously shown to modulate aggregation of Aβ
and IAPP, which are associated with Alzheimer’s disease and type II diabetes, respectively
(Henning-Knechtel, Kumar et al. 2020, Maity, Kumar et al. 2020) was screened against mutant
p53 aggregation. This led to the identification of a protein mimetic, ADH-6, that potently inhibited
mutant p53 aggregation and dissociated pre-formed mutant p53 aggregates, which rescued the
protein’s tumor suppressor function, thereby leading to cell cycle arrest and apoptosis in mutant
p53-bearing cancer cells (Palanikumar, Karpauskaite et al. 2020). Importantly, ADH-6 was
completely non-toxic to healthy cells, which harbor wild-type p53. This selective effect renders
ADH-6 an appealing potential drug for cancer therapy (Palanikumar, Karpauskaite et al. 2020).
As a result, since the designed pH-responsive NPs showed great promise, they can be used to
deliver ADH-6 specifically to tumors for a potent selective effect.
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